
 1 

Stealth and Bright Monomolecular Fluorescent Organic 

Nanoparticles Based on Folded Amphiphilic Polymer 

Mayeul Collot,* Jérémy Schild, Kyong T. Fam, Redouane Bouchaala, Andrey S. Klymchenko* 

*Corresponding authors: mayeul.collot@unistra.fr; andrey.klymchenko@unistra.fr 

Laboratoire de Bioimagerie et Pathologies, UMR 7021 CNRS, Faculté de Pharmacie, Université 

de Strasbourg, 74, Route du Rhin, 67401 Illkirch, France 

 

Abstract 

Fluorescent nanoparticles (NPs), owing to their superior brightness, are an attractive alternative to 

organic dyes. However, their cellular applications remain limited because of their large size, poor 

homogeneity and non-specific interactions in biological media. Herein, we propose a concept of 

monomolecular fluorescent organic nanoparticle of high brightness and very small size (10-14 nm) 

built of a single amphiphilic polymer bearing specially designed fluorescent dyes. We found that 

high PEGylation of poly(maleic anhydride-alt-1-octadecene (PMAO) favors a single-chain 

polymer folding into monomolecular stealth NPs with highly reduced non-specific interactions 

with live cells. To ensure high stability of our NPs, the fluorophores (BODIPYs) are covalently 

linked to the polymer through an optimized linker. Among tested linkers of different lengths and 

polarity, short medium-polar linker favoring location of the dyes at NPs interface ensures good 
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fluorescence quantum yield and small particle size. The fluorescence brightness of these NPs has 

been dramatically enhanced by increasing the bulkiness of the BODIPY dyes that prevents their 

H-aggregation, reaching 2,500,000 M-1 cm-1 (extinction coefficient × quantum yield). 

Fluorescence microscopy revealed that the single-particle brightness of these NPs is ~5-fold higher 

than that of QDot-585 using the same excitation wavelength (532 nm). Finally, when microinjected 

inside cells, these small and stealth NPs (10-nm diameter) distribute more evenly than 20-nm 

QDots inside the cytosol, showing similar spreading as a fluorescent protein. Thus, the developed 

monomolecular NPs, owing to small size and stealth properties, are artificial analogues of 

fluorescent proteins, surpassing the latter >50-fold in terms of brightness. 
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Fluorescent nanoparticles (NPs) attracted attention in the last decades due to their high 

brightness, equivalent to 10-100 organic dyes, and multi-functionality.1,2 However, when it comes 

to replace organic dyes in cellular imaging applications, their relatively large size 30-300 nm poses 

serious limitations. Ideally, to study cellular processes at the molecular level, their size should not 

exceed that of biomolecules (5-15 nm), such as proteins and nucleic acids. First, the small size of 

NPs ensures minimal perturbation of the localization and function of the labeled biomolecules. 

Second, sizes below 20 nm are required for free diffusion of the particles in the highly crowded 

intracellular environment.3,4 Third, small size will provide better localization precision in super-

resolution imaging techniques, which now requires labels of sizes around 10 nm and below.5 On 

the other hand, ultra-small NPs have been found promising for in vivo applications for both 

imaging and drug delivery applications, because of their higher capacity to penetrate into target 

tumors and their facilitated renal elimination.6,7  

Among small-sized luminescent NPs, one should first mention QDs, having the fluorescent core 

of 4-7 nm and thin organic shell reported recently giving total diameter of QDs of 10-15 nm.8-10 

However, biocompatible coating in commercially available QDs is much thicker, so that the typical 

size of QDs is 20-30 nm. Similar characteristics can be considered for other systems based on the 

inorganic core NPs.1 Dye-doped silica NPs with biocompatible shell can go down to 10 nm in size, 

although in this case the number of encapsulated dyes is limited.11 Gold clusters7,12 and carbon 

dots13,14 featuring ultra-small size emerged recently, although their emission brightness and 

absorption characteristics need further improvement. Overall, inorganic nanoparticles feature 

rather limited and complex biodegradability profiles,15 and they require organic shell for 

biocompatibility and bioconjugation. Organic NPs appear as very attractive alternative to 

inorganic NPs, because, on the one hand, their core can bear large number of dyes and, on the 
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other hand, their organic nature offer enormous chemical versatility for bio-functionalization and 

achieving biocompatibility, colloidal stability and potential biodegradability. Among organic NPs 

of ultrasmall size, one should mention those made of conjugated polymers16-18 or organic dyes,19,20 

in particular aggregation-induced emission NPs,21-23 and dye-loaded NPs build of polymers23,24 

and lipids.25 Particularly fruitful approach to ultra-small NPs is based on self-assembly of organic 

dyes into micelles.26-31 However, micelles are dynamic structures, so that to make them stable in 

biological systems these micelles are either assembled from polymers (polymeric micelles),6,32,33 

or the polymerization of micelles is done in situ.28,29 An alternative approach that mimics micellar 

assembly is to directly use an amphiphilic polymer that can fold as a single molecule into a 

spherical nanoparticle, similar to the protein folding.34,35 This process is known as single-chain 

polymer folding,36-41 which has been successfully applied for generating small NPs by their 

assembly in water.42-46 These systems has been already proposed for applications in catalysis,47,48 

especially catalytic nanoreactors49 and artificial enzymes,48,50 stimuli-responsive NPs,51,52 and 

drug nanocarriers.53 Fluorescent single-chain polymer nanoparticles is an emerging area of 

research,54 with several examples reported in the recent literature.46,52,55,56 Nevertheless, so far, it 

remains a challenge to obtain single-chain fluorescent NPs characterized by high brightness, 

comparable to QDs and at the same time displaying biocompatible surface for their cellular 

imaging applications.  

Therefore, we turn our attention towards poly(maleic anhydride-alt-1-octadecene) (PMAO), 

which is a low-cost amphiphilic reactive polymer widely used to wrap nanocrystals57 including 

QDs,58-60 UCNPs,61,62 metallic NPs63 in order to make them water-soluble. 1 Despite its broad 

application for coating NPs, it has not been explored to generate single-chain fluorescent NPs. In 

one report, PMAO was used to form NPs, encapsulating non-covalently a fluorescent dye 
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(squaraine),64 so the NPs were not based on a single molecule. Moreover, although small NPs (16.2 

± 6.1 nm) were initially obtained, glycol chitosan coating doubled the diameter to 32.5 ± 7.5 nm 

and provoked strong non-specific interactions with cells leading their rapid internalization. 

Therefore, to ensure proper folding of PMAO-based polymer into in a biocompatible single-chain 

NP, it is important to provide it with an appropriate hydrophobic/hydrophilic balance. Moreover, 

making it brightly fluorescent requires its modification with multiple fluorophores, which 

commonly leads to aggegation-caused quenching (ACQ).24 Consequently, appropriate design of 

fluorophore should be made to minimize ACQ phenomena, such as introduction of bulky 

groups,20,28,65-67 exploiting aggregation-induced emission (AIE)21,22,68 and use of bulky 

hydrophobic counterions in case of ionic dyes.69,70 Among existing fluorescent dyes, BODIPYs 

are one of the most popular because of their relatively high brightness, good photostability and 

versatile chemistry.71 Presence of bulky groups has shown to improve the brightness of polymeric 

NPs.67,72-74 However, so far BODIPY dyes or other high-performance fluorescent dyes had not 

been used for preparing single-chain fluorescent NPs. 

In the present work, we developed the single chain polymer NPs that bear multiple covalently 

grafted BODIPY units. Strong PEGylation of PMAO was found essential to form single-chain 

NPs. Through a tailor-made design of BODIPY with bulky groups and the linker connecting it to 

the PMAO polymer, minimized ACQ was achieved, yielding ultra-small NPs brighter than QDs 

of the equivalent color. Finally, small size and strongly PEGylated surface ensured efficient 

spreading of NPs inside the cells after microinjection: they behaved similarly to red fluorescent 

proteins, while surpassing spreading of commercial quantum dots. Thus, the present design 

concepts enable preparation of protein-sized bright fluorescent NPs for cellular imaging 

applications. 
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Results and discussion 

Effect of PEGylation. PEGylation is an essential approach to prevent nanoparticles from non-

specific interactions, ensuring their “stealth” behavior.75 PMAO is an alternating copolymer 

composed of maleic anhydrides (Figure 1) that readily react with amines to form stable amides. 

Primarily, we investigated the PMAO’s reactivity and the effect of PEGylation level on the size 

of NPs assembled in water. To this endeavor, PMAO was reacted with an increasing amount (from 

0 to 100 mol% with respect to reactive anhydrides) of Jeffamine® M-1000 (J-1000), a primary 

amine-terminated copolymer of propylene oxide (PO) and ethylene oxide (EO) with a PO/EO ratio 

of 3/19 (H2N-(PO)3-(EO)19-OMe). While (EO)19 part ensures PEGylation, short (PO)3 part may 

help to consolidate the hydrophobic part of future NPs. Poly(propylene oxide) fragment is present 

as a hydrophobic block in different Pluronic® surfactants, which are extensively used in 

biomedical applications.76 The obtained polymers were analyzed by 1H NMR which showed that 

the amount of PEG chains compared to the fixed amount of aliphatic chains was increasing 

according to the used feed ratio, thus demonstrating the reliability of the chemistry performed on 

PMAO (SI Figure S1). The polymers were dissolved in dioxane at a concentration of 2 mg/mL 

and then diluted in water to obtain NPs (100 µg/mL). The size of the formed NPs was assessed by 

DLS measurements. Although the increasing fraction of PEG provides polymers of higher 

molecular weight, small NPs (< 12 nm) were obtained starting from 20-50% PEGylation (SI Figure 

S2). We then hypothesized that the PEGylation decreased the hydrophobic nature of the 

amphiphilic polymer and therefore in water the PEGylated polymer molecules do not assemble 

together but fold into monomolecular (single-chain) micelles with a hydrophobic core of long 

hydrocarbon chains and a shell composed of PEG.  
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To confirm this hypothesis, three PMAO-based polymers, labeled with 5 mol% of an amino-

BODIPY (BDP1), were synthesized: i) A non-PEGylated polymer where all the anhydride 

functions were hydrolyzed thus providing charged carboxylate groups, ii) A half-PEGylated one 

where all the anhydride functions were reacted with J-1000, thus still displaying carboxylate 

groups at the interface and iii) a fully-PEGylated polymer where all the anhydride functions were 

converted into diamides by condensing PMAO with J-1000 then using a coupling agent to react J-

1000 with the formed carboxylate groups (Figure 1). The resulting polymers were purified by 

exclusion phase chromatography and analyzed by 1H-NMR (SI Figure S3). For the half-PEGylated 

and the fully-PEGylated polymer, the PEGylation yields, determined by 1H NMR, were 96 and 

88%, respectively (See SI for calculations).  
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Figure 1. Synthesis of fluorescent amphiphilic polymers based on PMAO and their resulting NPs 

after formulation in water. a. BDP1, DIEA, DMF 60°C, then water. b. BDP1, DIEA then J-1000, 

DMF 60°C; c. BDP1, DIEA then J-1000, HATU, DMF 60°C. 

The polymers were dissolved in dioxane (2 mg/mL) and then diluted in water to induce assembly 

of NPs (see materials and methods). The size of formed NPs was first measured by dynamic light 

scattering (DLS, Table 1). Although the non-PEGylated polymer gave NPs of 33.6 ± 2.4 nm ; the 

half-PEGylation led to ultra-small NPs of 9.7 ± 0.8 nm. Interestingly, the fully-PEGylated polymer 

provided slightly larger NPs of 11.5 ± 0.4 nm, probably due to an increased hydrodynamic 

diameter provoked by the denser PEG shell. According to  potential measurements (Table 1), the 

higher PEGylation level the lower negative charge displayed, clearly because the carboxylate 

groups were transformed into neutral amides. Indeed, whereas the non-PEGylated NPs displayed 

high  value of -51.6 mV, the half-PEGylation decreased it to -11.1 mV. The full PEGylation 

further reduced the zeta potential to a nearly neutral value (-2.7 ± 1.9).  

 

Table 1. Physicochemical properties of the PMAO NPs. a 

NPs 
Size  
(nm) 

PDI 
 

(mV) 
Abs 

 (nm) 

FMWH 
Abs (nm) 

Em 
(nm) 

FMWH 
 Em 
(nm) 

QY 

() 

Non-PEGylated 33,6 ± 2.4 0.23 -51,6 ± 1.2 500 22 514 38 0.26 

Half-PEGylated 9,7 ± 0.8 0.26 -11,1 ± 2.5 499 20 508 27 0.72 

Fully-PEGylated 11,5 ± 0.4 0.45 -2,7 ± 1.9 499 20 507 26 0.79 
 

a For sizes and  potential, the data were obtained from triplicates of three different formulation 

solutions (0.1 mg/mL). For spectroscopic data the polymer concentration was adjusted in order to 

fix the dye concentration at 2.5 µM, considering a molar extinction coefficient of 80,000 M-1cm-1 

for a single BODIPY. The quantum yield was measured at 1 µM dye concentration using 

fluorescein (in 0.1 M NaOH, = 0.95) as a reference. 
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Consecutively, the NPs were imaged by transmission emission microscopy (Figure 2A and 2B). 

The non-PEGylated NPs displayed a round shape with sizes similar to those measured by DLS 

(32.4 ± 5.2). Fully-PEGylated NPs revealed ultrasmall round-shaped nanostructures of quite 

narrow distribution (9.8 ± 0.8 nm). These images tend to indicate that PEGylation in PMAO leads 

to formation of particles containing a single polymer molecule or only few of them. The round 

shape and small size of fully-PEGylated NPs also suggest that the polymers are folded into 

spherical (globular) structures rather than present in form of out-stretched polymer brush. 

Theoretically, the latter form would be 42-70 nm long considering all-trans configuration of the 

hydrocarbon backbone of PEGylated PMAO with molecular weight 30,000-50,000 Da (85-140 

repetitive units).  

Spectroscopic studies allowed to evaluating the number of polymer chains per particle. Upon 

PEGylation, convergent signs of de-aggregation of the dyes were observed: i) The blue shifted 

shoulder (at ∼470 nm), which is a typical sign H-aggregates, decreased (Figure 2C), ii) the 

emission spectra shifted to the blue (7 nm between non- and fully-PEGylated NPs) accompanied 

by a decrease in the broadening (see FMWH values in Table 1 and Figure 2D), and finally iii) the 

measured quantum yields were significantly increased from 0.26 to 0.79 (Table 1). These 

observations suggest that high PEGylation level prevents form the formation of oligo-molecular 

NPs and thus favor the formation of monomolecular NPs where the fluorophores are better 

separated (Figure 1). 

We also verified whether incorporation of BDP1 into the polymer affected BDP1 dye properties, 

which was done by comparing absorption and emission spectra of BDP1-amine (BDP1) and 

labelled fully-PEGylated polymer (5 mol% of BDP1) in organic solvents and water (SI Figure S4). 

In apolar dioxane and more polar PEG4, absorption and emission spectra of BDP1-polymer were 
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very similar to those of free dye BDP4-NH2 (SI Figure S4), indicating that grafting to the polymer 

does not modify spectroscopic properties of the dye in solubilized form. Moreover, there was 

practically no spectral difference between these two organic solvents. However, in water, the 

absorption spectrum of the free dye (BPD1-NH2) was blue shifted compared to organic solvents, 

and its emission spectrum was broadened, whereas the labelled polymer in water showed virtually 

the same spectral profile as in organic solvents (SI Figure S4). We can conclude that in water, the 

labelled polymer adapts a compact form that shields BDP1 dye from bulk water. 

Next, the NPs were analyzed by electrophoresis. Owing to the high density of negative charges, 

the non-PEGylated NPs migrated fast to the anode, whereas the PEGylated NPs moved slower and 

displayed clear spots denoting their high homogeneity (Figure 2E). In the presence of BSA the 

non-PEGylated NPs migrated as a smear and reduced their migration towards the anode, probably 

because they interacted non-specifically with BSA. In sharp contrast, the PEGylated NPs did not 

change their migration profile when incubated in the presence of BSA, showing the absence of 

non-specific interactions. As another illustration of the PEGylation effect, the NPs were incubated 

for 1h in the presence of KB cells before being washed out (Figure 2F-H). The non-PEGylated 

NPs showed clear non-specific binding to the cells and aggregation due to precipitation in the high 

ionic strength medium (Opti-MEM). On the other hand, the cells incubated with PEGylated NPs 

did not display any fluorescence signal thus demonstrating the protecting effect of the PEG shell 

against non-specific interactions. In accordance with these results, cytotoxicity assays using MTT 

test revealed that unlike non-PEGylated polymer, PEGylated polymers did not affect the cells 

viability at concentrations up to 50 g/mL (SI Figure S5). 
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Figure 2. TEM images of non-PEGylated NPs (A) and fully-PEGylated NPs (B), scale bar is 150 

nm and 30 nm respectively. Normalized absorption (C) and emission (D) spectra of the 3 different 

NPs in water (2.5 µM based on dye). (E) Agarose gel electrophoresis of non-PEGylated, half-

PEGylated and fully-PEGylated NPs in TAE buffer (a, b and c respectively) and in the presence 

of 5 µM BSA (d, e and f respectively), 0.2 µg per well. The white arrow indicates the position of 

the wells. Scale bar is 0.5 cm. (F-H) Laser scanning confocal microscopy images of KB cells 

incubated for 1h in opti-MEM and in the presence of NPs: non-PEGylated (F), half-PEGylated 

(G) and fully-PEGylated (H). The concentration of polymer was adjusted in order to have 1 µM 

dye concentration. Inset in (F) is a 3D reconstruction of a cell containing the polymer. The nucleus 

(gray color) was stained with Hoechst (5 µg/mL). Excitation wavelength was 488 nm and emission 

was collected from 498 to 560 nm. The gain of the green channel’s PMT was increased from 600 

V for F to 1000 V for G and H in order to stress on the absence of signal. Scale bar is 20 µm. 
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FCS is a powerful spectroscopic technique providing simultaneously information on size, 

concentration, and brightness of fluorescent nanomaterials,77,78 including polymeric NPs.79 We 

used FCS to assess the behavior and composition of our NPs in water, PBS and PBS containing 

10 µM BSA (Table 2). In water, the measured sizes were consistent with those obtained by DLS, 

namely 34, 8.6 and 11.4 nm for non-PEGylated, half-PEGylated and fully-PEGylated NPs 

respectively. In PBS, non-PEGylated NPs formed large aggregates (~7-fold larger than in water) 

due to their hydrophobic and charged nature. Interestingly, although the half-PEGylated NPs 

increased their size and decreased their concentration in PBS and in the presence of BSA, denoting 

a slight aggregation of the polymers molecules due to non-specific interactions, the fully-

PEGylated NPs were negligibly affected (Table 2, SI Figure S6). This suggests that a high degree 

of PEGylation is necessary to lead to stealth and stable NPs with highly reduced non-specific 

interactions with proteins, which is in line with studies on other types of NPs.75,80 The obtained 

result is also in good agreement with the electrophoresis data, where the effect of BSA was not 

observed in PEGylated NPs. 

As we hypothesized previously, high PEGylation level might tend to form NPs composed of a 

small number of polymer molecules and even monomolecular NPs. As a first hint, a theoretical 

calculation based on i) the molecular weight of the fully-PEGylated PMAO polymers (∼300,000 

g.mol-1), ii) the assumption that the formed NPs are spherical and iii) the assumption that the 

polymers have a density of ~1000 Kg/m3, provided a theoretical size of 10.1 nm for a 

monomolecular NP (see SI for calculations). This value matches well the measured sizes of fully-

PEGylated PMAO obtained by 3 different technics (DLS, TEM, FCS), supporting also 

organization of the polymer in the folded globular form (Figure 1). Second, FCS is perfectly 

adapted to confirm this hypothesis as it can measure the concentration of NPs. When 
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monomolecular NPs are obtained their concentration should be the same as the concentration of 

the polymer. The concentration of fluorophore was set at 1 µM by absorption spectroscopy. Since, 

on average, 7 dyes are displayed on a single polymer (5% of 140 units per polymer), the estimated 

concentration of single polymer molecules was 140 nM (1 µM divided by 7). For the PEGylated 

NPs, the concentration in water measured by FCS perfectly matched the estimated concentration 

of polymer molecules (Table 2), thus confirming our hypothesis on monomolecular nature of 

PEGylated PMAO based NPs.  

FCS also provided information regarding the brightness of the formed NPs. Fluorescein was 

used as a reference (50 nM in NaOH 0.1 M, =0.95) and the brightness of the NPs was expressed 

in equivalent number of fluorescein molecules. Even though non-PEGylated NPs in water are 

composed of 24 polymers (~168 dyes) the brightness was equivalent to 23 fluorescein molecules 

due to high quenching of the fluorophores within the compacted polymers. On the other hand, half-

PEGylated NPs and fully PEGylated NPs, composed of a single polymer, are as bright as 4 and 5 

fluorescein molecules, respectively. Thus, the FCS data also confirmed that a high level of 

PEGylation enhanced the brightness of the obtained NPs.  

 

Table 2. Physicochemical properties of the PMAO NPs obtained by FCS measurements. 

Polymer Conditions 
Size  

(nm)b 

[Particules] 

(nM) 

Number of 

polymer 

 per NPc 

Relative 

 brightnessd 

Non-PEGylated Water 34.0 5.79 24.5 22.8 

PBS 261 0.133 1070 320 

10 µM BSAa 221 0.128 1110 413 

Half-PEGylated Water 8.6 143 0.994 4.00 

PBS 11.5 60.2 2.36 5.23 

10 µM BSAa 11.9 81.3 1.75 4.73 

Fully-PEGylated Water 11.4 138 1.03 4.98 
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PBS 12.2 110 1.29 4.98 

10 µM BSAa 13.2 116 1.23 5.05 

 

a In PBS. b Obtained considering the reference (fluorescein) being 1 nm. c The polymer 

concentration was adjusted to 1 µM fluorophore (corresponding to 140 nM polymer 

concentration).  d Relative Brightness compared to the reference (fluorescein). The values were 

corrected according to the molar extinction coefficient values at the excitation wavelength (488 

nm). 

 

In contrast to the out-stretched configuration of a polymer brush, the folded monomolecular 

nanoparticle is expected to bear a hydrophobic core (Figure 1), similar to that of micelles made of 

surfactants. To evidence the presence of this core, we used a solvatochromic dye Nile Red, which 

is a common tool for identifying low polar environment of micelles81 and single-chain polymeric 

NPs.82 Fluorescence spectra of Nile Red at fixed concentration (200 nM) were recorded with 

addition of different concentrations of fully PEGylated PMAO polymer with 5 mol% BDP1 (SI 

Figure S7). A drastic increase in the fluorescence intensity of Nile Red was observed accompanied 

by ~30 nm blue shift of the emission band (SI Figure S7A,B,D). The increase in the intensity 

stabilized above 200 nM polymer concentration (SI Figure S7C), which corresponded well to 1/1 

dye/polymer molar ratio. Below this concentration, multiple Nile Red molecules per particle can 

be present, which leads to dye self-quenching,83 explaining lower intensity at lower polymer 

concentrations. On the other hand, the blue shifted emission of Nile Red at ~630 nm indicates the 

presence of a hydrophobic binding site in these NPs. We compared our NPs with micelles of 

Tween 80, having a hydrophobic core formed by hydrocarbon chains. Similar spectral changes 

were observed for Nile Red with addition of Tween 80, whereas above CMC (12 µM), blue shifted 

emission centered ~640 nm was observed (SI Figure S8). Our results suggest that in water the fully 

PEGylated polymer presents a hydrophobic binding site for a single emissive Nile Red molecule 
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and this site is even less polar than that in Tween 80 micelles, which support our model of the 

single-chain polymer folding into a particle with a apolar core. Lower polarity inside our NPs is 

probably related to their polymeric nature that drastically decreases dynamics of its amphiphilic 

units, in contrast to micelles based on small-molecule surfactants. 

 

Effect of the linker. Encouraged by the interesting properties these NPs, we aimed at enhancing 

their brightness to the maximum. The brightness (B) of a NP composed of several fluorophores is 

defined by Equation 1 where n is the number of fluorophores that compose the NP,  is the molar 

extinction coefficient value of the used fluorophore and is the measured quantum yield of the 

NP. 

Eq. 1      B= n ×  ×  

According to this equation, the brightness of a NP can theoretically be enhanced by increasing 

the fluorophore loading (n). However, concentrating fluorophores within a small volume tends to 

provoke H-aggregation by π-stacking of the fluorophores thus leading to the aggregation caused 

quenching (ACQ) phenomenon that lowers the quantum yield.24 In order to prevent ACQ, we first 

investigated on the effect of the fluorophores’ localization within the NP as the local concentration 

of the dye within the latter may vary (Figure 3). For this purpose, various linkers between the 

polymer and the fluorophore were used: i) a short linker that maintains the fluorophores at the 

interface ii) a long hydrocarbon chain (C12) that directs the fluorophores into the core of the NP 

by hydrophobic interactions with the hydrocarbon chains of PMAO and iii) a hydrophilic PEG12 

that displays the fluorophore in the PEG shell of the NP. In addition to modifying the local dye 

concentration, these three different locations may alter hydration, polarity or viscosity of the dye 

environment that should also affect its quantum yield. 
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Figure 3. Synthesis of NPs displaying the fluorophores at different locations by means of linkers 

with various length and hydrophobicity. 

PMAO was then reacted with the different amino-BODIPYs (Figure 3) at various loading 

percentage (from 2 to 50% of reactive sites) and was then fully PEGylated. The obtained polymers 

were purified and served to formulate the nanoparticles in water. The quenching phenomenon was 

monitored by the increase of the blue shifted shoulder on the absorption spectra (H-aggregation), 

the broadening of both absorption and fluorescence spectra as well as the decrease of the quantum 

yield values (Figure 4). The results showed that the contribution of the shoulder in the absorption 

spectra (Figure 4A-C) as well as the broadening of emission spectra (Figure 4 D-F) were less 

important when the fluorophores were used with PEG linker (i.e. located in the PEG shell). 

However, the decrease of quantum yield values upon dye functionalization percentage was fast in 

all cases and follows the same trend depicting a significant quenching of the dye regardless of the 

dyes’ location (Figure 4G). Consequently, the brightness quickly reached a threshold below 
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400,000 M-1.cm-1 at only 10% loading (Figure 4H). It is noteworthy that when the BODIPYs were 

concentrated in the core of the NP using a hydrophobic linker (above 30% dye functionalization), 

the brightness slightly increased while the emission spectra broadened and shifts to the red. This 

could be attributed to complex forms of aggregation including emissive aggregation forms, such 

as J-aggregates.84 Importantly, DLS measurements showed that small sizes of NPs were retained 

(10 to 14 nm) up to 40 % dye functionalization (Figure 4I). Additionally, NPs with 5% dye 

functionalization were compared by electrophoresis in the absence and presence of BSA (Figure 

S9). The NPs bearing the fluorophore through a short linker (i.e. dye located at the interface) were 

less smeary indicating their higher homogeneity. Moreover, in the presence of 5 µM BSA, these 

NPs were found to migrate in the same manner, as a single spot, whereas the NPs displaying the 

fluorophore at the core (with hydrophobic linker) or the PEG shell (PEG linker) started providing 

extra spots probably attributed to non-specific interactions with BSA. In the light of these results, 

the short linker was retained for the rest of our study. 
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Figure 4. Characterization of NPs displaying the fluorophores: at the interface, the core and the 

PEG shell. Normalized absorption (A-C) and emission (D-F) spectra of NPs with increasing dye 

loading. Evolution of the quantum yield (G), brightness (H) and size (I) of the NPs with increasing 

dye loading. The brightness was calculated considering a monomolecular NPs and a  value of the 

dye of 80,000 M-1.cm-1. 

 

Effect of the dyes’ bulkiness on the brightness of the NPs. The second approach to prevent 

aggregation-caused quenching and to improve the brightness of the NPs was to investigate on the 

BODIPY’s bulkiness. Enhancing the bulkiness of fluorophores to prevent aggregation was 

successfully applied for different dyes, including BODIPY67,72 and perylene diimide.28,65,66 To this 

aim, we synthesized and used three new amino-functionalized BODIPYs with various bulkiness 

400 450 500 550 600
0.0

0.2

0.4

0.6

0.8

1.0

400 450 500 550 600
0.0

0.2

0.4

0.6

0.8

1.0

400 450 500 550 600
0.0

0.2

0.4

0.6

0.8

1.0

500 550 600 650
0.0

0.2

0.4

0.6

0.8

1.0

500 550 600 650
0.0

0.2

0.4

0.6

0.8

1.0

500 550 600 650
0.0

0.2

0.4

0.6

0.8

1.0

10 20 30 40 50
0.0

0.2

0.4

0.6

0.8

1.0

0 10 20 30 40 50
0

100

200

300

400

500

600

700

2 5 10 20 30 40 50
0

5

10

15

20

25

N
o

rm
a
li

z
e

d
 A

b
s

o
rb

a
n

c
e

Q
u

a
n

tu
m

 y
ie

ld

S
iz

e
 (

n
m

)

B
ri

g
h

tn
e
s

s
 (

1
0

3
 M

-1
. c

m
-1
)

N
o

rm
a
li

z
e

d
 F

lu
o

re
s

c
e
n

c
e

N
o

rm
a
li

z
e

d
 F

lu
o

re
s

c
e
n

c
e

% Fluorophore

Wavelength (nm)

Wavelength (nm) Wavelength (nm) Wavelength (nm)

Wavelength (nm) Wavelength (nm)

% Fluorophore % Fluorophore
N

o
rm

a
li

z
e

d
 F

lu
o

re
s

c
e
n

c
e

N
o

rm
a

li
z
e

d
 A

b
s

o
rb

a
n

c
e

N
o

rm
a

li
z
e

d
 A

b
s

o
rb

a
n

c
e

% Fluorophore

2

5

10

20

30

40

50

Interface

Core

Shell

Interface

Interface

Core

Core

Shell

Shell

Interface

Core

Shell

A C

G IH

D E F

B

Interface

Core

Shell



 19 

patterns and with a short linker in order to localize the fluorophore at the interface (Figure 5). The 

bulkiness of the BODIPY was tuned by means of substitution at the meso position with a dimethyl 

phenyl group (BDP2) and at the beta positions with ethyl (BDP3) or diphenyl groups (BDP4). 

Here again, PMAO was reacted with the different amino-BODIPYs at various functionalization 

percentage and were then fully PEGylated. 

 

 

Figure 5. Synthesized amino-BODIPYs with various bulkiness patterns. 

 

First, it is noteworthy that BODIPY dyes grafted to the polymer displayed different 

photophysical properties. From BDP2 to BDP4, longer absorption and emission wavelengths were 

observed (Figure 6) due to the increasing electron donor effect of the substituents in β position.  

Additionally, broadening of the spectra was observed which was ascribed to supplementary 

vibrational states due to the σ-bond rotations of the β substituents. Although broad spectra can be 

detrimental in multicolor imaging, where cross-talk can take place between the imaging channels, 

the broad absorption spectra of BDP4-based NPs can be an advantage as it can be excited by 

various excitation sources (e.g. 488 and 532 nm). 
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Figure 6. Characterization of NPs functionalized with BDP2, BDP3 and BDP4. Normalized 

absorption (A-C) and emission (D-F) spectra of NPs with increasing dye functionalization level. 

Evolution of quantum yield values (G), brightness (H) and size (I) of the NPs with increasing dye 

functionalization level. The brightness was calculated considering a monomolecular NP and a  

value of the dye of 80,000 M-1 cm-1. 

 

Further spectroscopic studies showed a dramatic influence of BODIPY’s bulkiness on the self-

quenching effect. In comparison to BDP1, bulkier BDP2 and BDP4 showed systematically lower 

increase in the short-wavelength shoulder (Figure 6A-C), and all three new derivatives BDP2-4 

displayed narrower emission bands at high dye functionalization level (Figure 6D-F).  In the case 

of the bulkiest fluorophore, BDP4, the spectroscopic changes upon increase in the dye 
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functionalization level were the smallest, showing the important effect of the bulky groups (Figure 

6C and F). Even though the use of BDP2 and BDP3 helped in slowing down the quantum yield 

decrease compared to the initial BDP1, the brightness was limited to 800,000 M-1 cm-1 with 20% 

functionalization level using BDP3. The use of BDP4 allowed to maintaining quantum yield values 

above 0.6 regardless of the dye functionalization level thus leading to impressive brightness values 

up to ∼2,500,000 M-1 cm-1 per monomolecular NP. We expect that the bulky groups effectively 

prevent BDP4 dyes from π-π stacking and formation of poorly emissive H-aggregates inside NPs.24 

The hydrodynamic diameters of the obtained NPs only slightly increased upon loading of the dye 

up to 14 nm and therefore allowed us to obtaining small and bright water soluble NPs. FCS 

measurements for BDP4 NPs (5 mo% loading) confirmed the small size, single-polymer chain 

nature of NPs and high particle brightness (SI Table S1, Figure S10). Moreover, similarly to NPs 

based on BDP1, BDP4 NPs showed high stability after incubation in PBS and BSA, because their 

size, concentration and brightness were close to those in water (SI Table S1, Figure S10). 

In order to check whether the loading of BDP4 could affect the homogeneity of the formed NPs, 

the latter were analyzed by electrophoresis. The results confirmed the increasing brightness upon 

dye loading as well as a good homogeneity even at the highest dye loading (Figure 7A). Our 

brightest NPs were then imaged by single molecule microscopy and were compared to quantum 

dots that emit in the same wavelength range (QDot-585, streptavidin conjugate). Based on analysis 

of the average single particle brightness, the NPs loaded with 50% BDP4 was found to be 5.3 ± 

1.3 fold brighter than QDots-585 under the same conditions of illumination, recording and 

processing (Figure 7B-E). The intensity distribution histograms confirmed the significantly higher 

brightness of our NPs vs QDots-585 (SI Figure S11), although the size distribution of the former 

was larger, probably related to the distribution of the PMAO polymer size and the dye grafting 
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ratio. The estimated brightness following equation (1) provided a value of 2.4 × 106 M−1 cm−1 for 

BDP4 NPs at an excitation wavelength at 532 nm. On the other hand, estimated brightness of 

QDot-585 at the same excitation wavelength is ε × QY = 310 000 M−1 cm−1 × 0.67 = 2.1 × 105 

M−1 cm−1.85 Consequently, theoretically our NPs should be 11.4 times brighter, which is in line 

with 5.3-fold difference observed in the single-molecule microscopy. Somewhat lower than 

expected brightness of BDP4 NPs can be explained by the configuration of filters in the 

microscope, which collects light less efficiently in case of BDP4 NPs, because its emission band 

is closer to the excitation wavelength compared to that of QD585. It should be noted that, to keep 

the same imaging conditions for both types of NPs, QDs were not excited at UV-violet region, 

where they exhibit significantly higher extinction coefficients. Excitation of QDot-585 in this 

spectral region (around 400 nm) could result in the comparable brightness to our NPs, although 

this excitation region is less favorable for bioimaging because of phototoxicity and cell 

autofluorescence. 
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Figure 7. (A) Agarose gel (0.5 %) electrophoresis of NPs with increasing BDP4 loading (0.2 µg 

per well). The fluorescence intensity is color-coded as displayed. The white arrow indicates the 

level of the wells. Scale bar is 0.5 cm. Single particle fluorescence microscopy images (Ex= 532 

nm, power density: 3 W cm-2. Integration time was 20×100 ms) of QDots-585 streptavidin 

conjugate (B) and NPs containing 50% BDP4 (C). Scale bar is 5 µm. 3D Single particle 

fluorescence microscopy images of QDots-585 (D) and 50% BDP4 NPs (E). 

 

Next, we aimed at studying the photostability of our NPs. First, we compared NPs at various 

BDP1 loading and as a standard we used fluorescent polystyrene NPs (FluoroSpheresTM 505/515, 

ThermoFisher) emitting in the same spectral range. As expected FluoroSpheresTM displayed robust 

photostability, whereas BDP1-loaded NPs displayed lower stability losing up to 50% of the 

fluorescence intensity (SI Figure S12). A decrease in the photostability was observed with increase 

in the dye loading. This phenomenon might be attributed to intermolecular reactions in the excited 

state which is promoted by the close proximity of the fluorophores. Similar loss of photostability 

were observed earlier for polymeric NPs loaded with perylenediimide65 and rhodamine69 dyes. In 

a second step, we studied the BDP4-loaded NPs (SI Figure S13), where a correlation between dye 

loading and photostability was also observed. However, compared to BDP1, BDP4-loaded NPs 

were significantly more photostable with similar photostability of our NPs with 20 mol% BDP4 

and QDots-585. This photostability improvement might be ascribed to the difference in the 

bulkiness between BDP4 and BDP1. Indeed, the steric hindrance of the dyes prevents from ACQ 

and collisions that might promote reaction and then bleaching of the dye. However, at the highest 

loading (50 mol%), the NPs displayed impressive decay of fluorescence intensity depicting a low 
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photostability (SI Figure S13). The latter indicates that a compromise should be found between 

dye loading and photostability to achieve the best performance. 

Finally, we wondered if such a high degree of dye functionalization could be detrimental for the 

cell viability. Therefore, MTT test was performed on NPs loaded with 50% BDP4 and showed no 

apparent cytotoxicity (Figure S5). 

 

Intracellular behavior of NPs. As demonstrated above, we developed ultrabright NPs with size 

comparable to large proteins. These NPs and proteins share another common point as they both 

can display reduced non-specific interaction in biological media. Indeed, proteins are able to 

circulate freely in the cell until they rich their biological target. Here, we compared the cytosolic 

behavior of our NPs with the one of proteins. To do so, HeLa cells were co-microinjected with 

green emitting NPs (20% BDP1 functionalization, 10 nm size, see Figure 4). BDP1 was chosen 

instead of other BDP to avoid cross talk in the red channel) together with mCherry (3.5 nm size, 

28.8 KDa), a red emitting fluorescent protein (Figure 8A-C). Moreover, analogous experiment was 

done by co-microinjecting the same NPs with far red emitting Qdots-655 as a bright water-soluble 

nanoparticles standard (Figure 8E-G, and SI Figure S14). We selected streptavidin-coated QDots-

655, so that their size (20 nm diameter, according to the manufacturer) is ~2-fold larger compared 

to the BDP1 NPs. First, the fluorescence microscopy images showed that our NPs (green signal) 

occupied the whole cell surface denoting a smooth distribution within the cytoplasm with no sign 

of aggregates. Then, we compared the distribution of the green signal from our NPs with the one 

of the red signal from the co-injected fluorescent protein or QDots-655. When our NPs were co-

injected with mCherry, their fluorescence signals overlaid in a quite homogeneous manner (Figure 

8C) and their fluorescence intensity decrease similarly (down to 60% for mCherry and 50% for 
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NPs) from the injection point to the extremities of the cell (Figure 8D). In sharp contrast, the 

QDots-655 signal decreased rapidly when it got away from the injection point and the fluorescence 

intensity decreased down to 20% at the extremities of the cell (Figure 8H, SI Figure S14). These 

results suggest that the herein developed fluorescent NPs have similar intracellular spreading 

compared to a small hydrophilic protein, probably because of their small (10 nm) size and thick 

PEG shell that protects NPs from non-specific interactions thus insuring them a fast progression 

in the cytoplasm. Less efficient intracellular spreading of the QDs compared to our NPs is probably 

related to the larger size of streptavidin-coated QDots-655. This observation is in line with recent 

works showing that increase in size of NPs in the range 10-40 nm can drastically decrease their 

intracellular diffusion and spreading in the cytosol.3,4 Thus, the ultra-small size and strong 

PEGylation make our single-chain polymeric NPs compatible with intracellular applications. 

 

Figure 8. Comparison of intracellular distribution of BDP1-based NPs with that of a fluorescent 

protein (mCherry) and quantum dots (QDots-655). Co-injection in HeLa cells of NPs (20% BDP1, 

0.33 M) with mCherry (1.75 M) (A, B, C) or with QDots-655 Streptavidin Conjugate (0.05 M 

+ BSA 5 mg/mL) (E, F and G). NPs are in green (A, E), mCherry and Qdots-655 (QDs) are in red 
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(B and F respectively). C and G are the merge of A and B and E and F respectively with the 

brightfield channel. D and H are the plots of normalized intensity corresponding to the line in C 

and G respectively. Scale bar is 10 m. 

 

Conclusion 

Replacing fluorescent dyes with bright nanoparticles can boost performance of fluorescence sensing and 

imaging. However, nanoparticles are much larger than molecules and their non-specific interactions and 

homogeneity is difficult to control. To address this issue, we herein propose to explore a biomimetic 

phenomenon of single-chain polymer folding.36-41 In contrast to previously reported fluorescently-labeled 

water-soluble hydrophilic polymers,86,87 we designed fluorescent amphiphilic alternating polymers that fold 

into globular monomolecular nanoparticle, similarly to proteins. The folded micelle-like globular structures 

of the polymer is expected to ensure compact uniform structure with alkyl chains in the hydrophobic core 

and tightly packed polar shell at the surface to prevent non-specific interactions. The design is based on 

highly PEGylated poly(maleic anhydride-alt-1-octadecene) functionalized with large amount (up to 50 

mol%) of BODIPY dyes. We found that strong PEGylation rate is required to ensure folding into the 

monomolecular particles. Fluorescence correlation spectroscopy suggested that the obtained NPs are stable 

in physiological salt conditions and do not exhibit non-specific interactions with proteins, probably due to 

highly dense PEG shell. Then, we tested linkers of different length and polarity connecting BODIPY to the 

polymer and found that short medium-polar linker ensured small size and good fluorescent properties of 

NPs, which suggest that the particle interface is the most optimal location of the dye. Importantly, 

incorporation of bulky groups into BODIPY dye prevented it from H-aggregation inside the particle, which 

allowed us to dramatically enhance its fluorescence quantum yield for high dye grafting ratio. The obtained 

NPs reached an impressive brightness value of 2,500,000 M-1 cm-1 with a hydrodynamic diameter of 14 nm 

and were found to be 5-fold brighter than QDot-585 (~20 nm) at 532 nm excitation, according to single-

particle fluorescence microscopy. Finally, when microinjected in cells, these small and stealth NPs diffused 
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more evenly inside the cytosol than QDots, highlighting the importance of the size for reaching sterically 

hindered compartments of the cytosol. The intracellular spreading of our NPs was similar to that of a red 

fluorescent protein, which shows that they can be considered as artificial protein analogues, compatible 

with the intracellular applications. The proposed concept of fluorescent monomolecular polymeric NPs 

enables preparation of nanomaterials with controlled small and uniform size and bright fluorescence for 

numerous bioimaging applications. 
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Materials & Methods 

 

Synthesis. All starting materials for synthesis were purchased from Alfa Aesar, Sigma Aldrich 

or TCI Europe and used as received unless stated otherwise. PMAO was purchased from sigma 

Aldrich, Jeffamine® was kindly offered by Huntsman International. NMR spectra were recorded 

on a Bruker Avance III 400 MHz spectrometer. Mass spectra were obtained using an Agilent Q-

TOF 6520 mass spectrometer. Protocol of synthesis of all new compounds as well as NMR and 

mass spectra can be found in the supporting information. 

 

Formulation of the nanoparticles. In an eppendorf was placed 50 L (100 g of polymer) of 

stock solution of amphiphilic polymer in dioxane at a concentration of 2 mg.mL-1. 950 L of miliQ 

water or PBS was quickly added and the solution was vigorously mixed with help of pipetting 

followed by vortexing for 5 s. The final concentration of polymer is 0.1 mg.mL-1.  

 

Spectroscopy. The water used for spectroscopy was Milli-Q water (Millipore), all the solvents 

were spectro grade. Absorption and emission spectra were recorded on a Cary 400 Scan 

ultraviolet–visible spectrophotometer (Varian) and a FluoroMax-4 spectrofluorometer (Horiba 

Jobin Yvon) equipped with a thermostated cell compartment, respectively. For standard recording 

of fluorescence spectra, the emission was collected 10 nm after the excitation wavelength. All the 

spectra were corrected from wavelength-dependent response of the detector. Quantum yields were 

determined at optical density 0.1 by comparison with a reference according to their excitation 

and emission wavelengths: Fluorescein in (0.1 M NaOH, = 0.95)88 or Rhodamine 6G in water 

(= 0.95).89 
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Photostability assay. Aqueous solutions of NPs were placed in a 50 L quartz cuvette and the 

entire solution was continuously irradiated at 486 nm for 20 min with slit opening at 16 nm. The 

fluorescence intensity was monitored at the maximum emission wavelength determined by 

emission spectra prior to kinetic measurements. For fair comparison, the concentrations were 

adjusted to obtain identical optical density of 0.015 at the excitation wavelength of 486 nm. 

Emission slit opening was set to obtain optimal signal. 

Fluorescence Correlation Spectroscopy (FCS). FCS measurements were performed on a 

home-built confocal set-up based on a Nikon inverted microscope with a Nikon 60x 1.2NA water 

immersion objective.4 Excitation was provided by a cw laser diode (488 nm, Oxxius). For the 

fluorescence signal detection, a fibered Avalanche Photodiode (APD, PerkinElmer, Fremont, CA) 

connected to an on-line hardware correlator (ALV7000-USB, ALV GmbH, Germany) was used. 

Before the APD, the fluorescence signal was filtered through a 405/488/ 532/635 nm BrightLines 

quad-edge laser-grade dichroic (Semrock, NY) and ET525/50 single band-pass filter (Chroma 

Corp., Rockingham, VT). The fluorescence signal was further processed by an ALV7002/USB 

digital correlator (ALV, Langen, Germany). Typical acquisition time was 5 min (10-30 scans) with 

an excitation power of 0.5 mW at the laser output level.  

The data were analyzed using the PyCorrFit software.90 Assuming that NPs diffuse freely in a 

Gaussian excitation volume and taking into account triplet blinking, the correlation function, G(τ), 

calculated from the fluorescence fluctuations was fitted according to equation (1):91 

G(τ)= 
1

𝑁
  
(1−𝐹+𝐹𝑒

𝜏
𝜏𝐹)

(1−𝐹)
 (1 + 

τ

τd
)-1 (1 + 

1

𝑆²

τ

τd
)-1/2 (1) 

where τd is the diffusion time, N is the mean number of fluorescent species within the excitation 

volume, and S is the ratio between the axial and lateral radii of the excitation volume; F is the 

fraction of emissive species that have entered the triplet state andF is the corresponding triplet 
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state relaxation time. The measurements were done with respect to a reference dye fluorescein 

(FL) (Sigma-Aldrich) at 50 nM concentration in 0.1 mM NaOH. The hydrodynamic diameter, d, 

of NPs was calculated as dNPs = τd(NPs)/τd(FL) × dFL, where dFL is the hydrodynamic diameter of 

fluorescein (1.0 nm). The concentration of NPs was calculated from the number of species by CNPs 

= NNPs/NFL × CFL, where NNPs and NFL are number of emissive species of NPs and fluorescein, 

respectively, and CFL is fluorescein concentration (50 nM). 

200 μL of each samples were placed in a 96-well plate. Generally, FCS measurements were done 

30 min after dilution of NPs in the corresponding medium (water, PBS or PBS with BSA). The 

concentration of polymer was adjusted to 1 µM BODIPY using 80,000 M-1 cm-1 as molar 

extinction coefficient value, therefore providing a polymer concentration of 140 nM (7 

fluorophores per polymer).  

 

Single-particle microscopy. Prior to imaging the surface of 8 wells-Lab-Tek chambered 

coverglass was treated for 1 h with an aqueous solution of KOH (1 M). Then, the wells’ surface 

was extensively rinsed with ultrapure water and incubated with PEI solution (1 mg/mL in tris 

buffer) at RT for 15 min followed by rinsing with ultrapure water. The solutions of NPs were 

added and allowed to stay at RT for 30 minutes in the dark before the being removed and replaced 

by mQ water. Single-particle measurements were performed in the total internal reflection (TIRF) 

mode using a Nikon Ti-E inverted microscope with a 100× objective (Apo TIRF, oil, NA 1.49, 

Nikon). The excitation was provided by OXXIUS laser at 532 nm with 3.0 W/cm2 excitation power 

density. The presented images were an average of the first 20 frames (recorded at a 100 ms 

integration time. The single-particle analysis was performed using Fiji software, similarly to the 

previously described protocol.79 Briefly, particle locations were detected through a Fiji routine 

applied to a projection (maximum intensity) of 100 frames using an appropriate threshold. The 
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mean intensities of circular regions of interest with a diameter of 5 pixels around the found particle 

locations were then measured. Background subtraction was then achieved by measuring the mean 

intensities in circular bands around the circular regions of interest and subtracting them. Finally, 

integrated intensity in all circular regions of interest was calculated and used for building the 

histograms of particle intensities. For BDP4 NPs and QDots-585, 150 and 50 particles were 

analyzed, respectively. Average intensity (± sem) of the two types of NPs was compared. 

 

Dynamic Light Scattering and Zeta potential. The size and the surface Zeta potential () of 

the NPs were measured three times from three independent formulations in milliQ water at 25°C 

using a Malvern Zetasizer Nano ZSP (Malvern, U.K.). DLS laser was 633 nm. 

 

Transmission Electron Microscopy. 5 µL of the formulation solution were deposited onto 

carbon-coated copper-rhodium electron microscopy grids that were used following amylamine 

glow-discharge. The grids were then treated for 1 min with a 2 % uranyl acetate solution for 

staining and observed with a Philips CM120 transmission electron microscope equipped with a 

LaB6 filament and operating at 100 kV. Areas covered with NPs of interest were recorded on a 

Peltier cooled CCD camera (Model 794, Gatan, Pleasanton, CA). Image analysis was performed 

using the ImageJ software. 

 

Gel electrophoresis. The electrophoresis was performed on an agarose gel (0.5%) in TAE buffer 

(TRIS, acetate, EDTA). In each well, 20 µL of a solution of NPs (0.01 mg/mL in water) were 

cautiously added (0.2 µg polymer per well). The gel was gently covered with TAE then a tension 

of 125 V was applied for one hour. The gels were visualized with an ImageQuant LAS 4000 (GE 
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Healthcare Life Sciences) using Cy2 (473 nm) or Cy3 (532 nm) excitation channels and by 

acquiring 10 images with an exposition time of 10 seconds. The images were treated with ImageJ. 

 

Cytotoxicity assay. Cytotoxicity assay of the NPs was quantified by the MTT assay (3-(4,5-

dimethylthiazol-2-yl)-2,5-diphenyltetrazolium bromide). A total of 1x104 HeLa (ATCC® CCL-

2™) cells/well were seeded in a 96-well plate 24 h prior to the cytotoxicity assay in Dulbecco’s 

Modified Eagle Medium (Gibco Lifetechnologies -DMEM) complemented with 10% fetal bovine 

serum, Gentamicin (100 µg/mL), L-Glutamine (2 mM), non-essential amino acids (1 mM), MEM 

vitamin solution (1%) and were incubated in a 5% CO2 incubator at 37°C. After medium removal, 

an amount of 100 µL DMEM containing NPs at various concentrations (10 to 50 µg polymer/mL) 

was added to the cells and incubated for 24 h at 37°C (5% CO2). As control, for each 96-well plate, 

the cells were incubated with DMEM containing the same percentage of dioxane as the solution 

with the tested NPs or with triton X-100 0.1% as a positive control of cytotoxicity. After 24h of a 

dye incubation, the medium was replaced by 100 µL of a mixture containing DMEM and MTT 

solution (diluted in PBS beforehand) and the cells were incubated for 4 h at 37°C. Then, 75 µL of 

the mixture was replaced by 50 µL of DMSO (100%) and gently shaken for 15 min at room 

temperature in order to dissolve the insoluble purple formazan reduced in the living cells. The 

absorbance at 540 nm was measured (absorbance of the NPs at 540 nm were taken into account). 

Each concentration of dye was tested in sextuplicate in 3 independent assays. For each 

concentration, we calculated the percentage of cell viability in reference of the control DMEM and 

dioxane. 

 

Cell imaging. KB cells (ATCC® CCL-17™) and HeLa (ATCC® CCL-2™) were grown in 

minimum essential medium (MEM, Gibco-Invitrogen) with 10% fetal bovine serum (FBS, Lonza), 
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1% non-essential amino acids (Gibco-Invitrogen), 1% MEM vitamin solution (Gibco-Invitrogen), 

1% L-Glutamine (Sigma Aldrich) and 0.1% antibiotic solution (gentamicin, Sigma-Aldrich) at 37 

C in humidified atmosphere containing 5% CO2. Cells were seeded onto a chambered coverglass 

(IBiDi®) at a density of 5104 cells/well 24 h before the microscopy measurement. For imaging, 

the culture medium was removed and the attached cells were washed with Opti-MEM (Gibco–

Invitrogen). Next, the cells were incubated in Opti-MEM with Hoechst (5 µg/mL) to stain the 

nuclei and in the presence of the NPs (1 µM dye concentration) for 1 h, the living cells were washed 

three times with HBSS and visualized in HBSS. Confocal microscopy experiments were 

performed by using a Leica TCS SPE-II with HXC PL APO 63x/1.40 OIL CS objective. 

 

Microinjection. Cells were microinjected using a Femtojet® 4i device (Eppendorf), with 

femtotip II (Eppendorf) containing:  NPs (0.33 µM) + mCherry (BioVision, 1.75 µM) or NPs (0.33 

µM) + Qdot™ 655 Streptavidin Conjugate (Thermo Fisher, 0.05 µM) + BSA (5 mg/mL). 

Microinjection parameters: Pi=80 [hPa]; Ti=0.5 [s]; Pc=10 [hPa]. The images were acquired in 

epi-fluorescence mode with a Nikon Ti-E inverted microscope, equipped with CFI Plan Apo × 60 

oil (NA = 1.4) objective, and a Hamamatsu Orca Flash 4 sCMOS camera. The acquisition settings 

were: Hoechst (ex. 395 nm, em. 475±50 nm), NPs (ex: 470 nm, em: 531±40 nm); Qdot™ 655 and 

mCherry (ex: 550 nm, em: 595±40 nm). The images were recorded using NIS Elements and then 

processed with Icy software.6  
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Supporting Information. Protocols of synthesis, caracterizations, calculations, cytotoxicity, and 

control experiments can be found in the Supporting Information. The Supporting Information is 

available free of charge at https://pubs.acs.org/doi 
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