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ABSTRACT. Biofouling causes massive economical losses in maritime sector creating urgent
need for effective and ecologically non-harmful antifouling materials. Zinc oxide (ZnO)
nanorod coatings show promise as an antifouling material; however, their toxicity to marine
organisms is not known. We studied compared toxicity of suspended and immobilized ZnO
nanorods (NR) with that of ZnO nanoparticles (NP) and ionic Zn2* in a marine bivalve Mytilus
edulis. Multi-biomarker assessment included bioenergetics markers (tissue energy reserves,
activity of mitochondrial electron transport system and autophagic enzymes), expression of
apoptotic genes, and general stress biomarkers (oxidative lesions, lysosomal membrane
stability and metallothionein expression) in the mussels. All Zn-containing exposures led to
lysosomal membrane destabilization in hemocytes, but no strong disturbance of the whole-
organism energy status. Exposure to NP and NR caused accumulation of oxidative lesions in
proteins and lipids, stimulated autophagy, and led to overexpression of apoptosis- and
inflammation-related genes. No induction of apoptotic or inflammatory pathways was seen
in Zn2+ exposures. Unlike ionic Zn2+, ZnO NP and NR share similar toxic mechanisms with
strong pro-apoptotic and inflammatory signatures, but the NR toxicity is less than that of the
NP at the same concentrations. Therefore, ZnO NRs have potential as low toxicity antifouling
coatings in marine environments.



INTRODUCTION

Engineered nanomaterials (i.e. materials containing particles with one or more dimensions
in the size range 1-100 nm) are increasingly used in industrial applications and consumer
products due to their stability and novel properties compared to those of the bulk material
[1]. A key feature of engineered nanomaterials, which makes them of interest to many
applications, is high reactivity due to the high surface to volume ratio of nanoparticles;
however, this characteristic also raises concerns about the environmental and human health
hazard of nanomaterials during their production, use or release into the environment [1].
One of the important new application areas for nanomaterials is the protection of the
submerged surfaces (such as ships and underwater infrastructure) from biofouling[2].
Biofouling is undesirable growth of organisms on submerged surfaces, especially prominent
in marine environments [3]. Biofouling causes multi-billion dollar damage and losses to
marine installations (such as ships, nets, cages, pipes, buoys) around the world. To protect
submerged structures from biofouling, industries commonly use the surface coatings that
contain highly toxic biocides such as copper or Irgarol [4-6]. These biocides prevent or slow
down biofouling but also kill non-target organisms and accumulate in the sediments
resulting in a long-term damage to marine ecosystems [4-7]. Therefore, there is an urgent
need to develop effective low-toxicity alternatives to control biofouling. Nanomaterial-based
coatings (including zinc oxide (ZnO) nanorods) have been recently proposed as an
alternative to toxic antifouling coatings [2, 8, 9]. ZnO nanorods prevent biofouling by the
production of reactive oxygen species (ROS) during photocatalysis of water [2]; due to the
short life of the ROS in sea water the ZnO nanorod coatings are expected to be toxic only in
the immediate vicinity of the coated surface. Furthermore, surface-supported ZnO
nanocoatings have increased stability and lower release of Zn2* ions compared with ZnO
nanoparticles [9, 10]. Nevertheless, there remains a possibility of ZnO nanorod release into
the marine environment due to the peeling or aging of the coating, making it important to
investigate the possible toxic effects of these novel ZnO nanostructures on marine
organisms.

The blue mussels (Mytilus spp.) are ecosystem engineers and common fouling organisms
that form dense settlements (called mussel beds) on natural and artificial hard substrates in
subtidal and intertidal zones of temperate to subarctic coastal ecosystems around the world
[11, 12]. Blue mussels are common sentinel organisms used for environmental monitoring
and ecosystem health assessment [13, 14]. Owing to this, their molecular and physiological
responses to stress are well understood [13, 15-19] making them ideal model species for
investigating the effects of novel stressors, such as new nanomaterials. Mussels are
suspension feeders filtering large amounts of water through their bodies and selectively
retaining particles in the size range 10-50 pum (but occasionally as small as 7 um and as large
as 80-100 um)[20, 21]. This creates a strong potential for the uptake of nanoparticles (NPs)



and nanoparticle aggregates by the mussels and for the NPs interference with the function
of the filtration organs (i.e. the gills) as well as the digestive gland of the mussels [22, 23].

ZnO nanoparticles present a toxicity risk to a broad range of aquatic organisms including
microorganisms, algae, invertebrates and vertebrates [review in: [24, 25]]. ZnO
nanoparticles are thought to exert toxicity through the release of zinc ions, production of
reactive oxygen species (ROS) and direct particle interaction causing physical damage
through internalization [26, 27], albeit studies in freshwater mussels and amphibians show
different profiles of stress biomarkers induced by ZnO nanoparticles and ionic Zn?*
indicating different toxicity pathways of these two forms of Zn [22, 23, 28]. Most studies to
date were conducted on freshwater organisms and at a relatively high, not environmentally
relevant concentrations [24, 25], and the effects of ZnO nanomaterials on marine sentinel
organisms such as the mussels are not well known. The available data show negative effects
of ZnO nanoparticles on byssus production and adhesion capacity in Mytilus corruscus [29],
and expression of genes encoding enzymatic antioxidants and stress kinases in Mytilus
galloprovincialis [30]. Furthermore, most ecotoxicological studies conducted to date focus
on the commercially produced spherical ZnO nanoparticles such as commonly used in
cosmetics, sunscreens, and textiles [24, 25, 31]. To the best of our knowledge, no studies have
focused on the toxicity of ZnO nanorods in marine organisms. Studies on human
lymphocytes, hepatocellular carcinoma and endothelial cell lines [32], bacteria [33, 34],
algae [35], and a freshwater crustacean Daphnia magna [36] report toxicity of ZnO nanorods,
albeit the mechanisms of the toxic effects remain poorly understood. Notably, studies on the
human cell lines showed that ZnO nanorods were more toxic to A549 cells than spherical
ZnO NPs [37]. This is consistent with the notion that toxicity of nanomaterials depends on
size, shape and the surface properties of the nanostructures rather than on the composition
of the bulk material [38].

The aim of our present study was to investigate the toxicity of ZnO nanorods in the blue
mussel M. edulis, and compare toxicity of immobilized and suspended ZnO nanorods to that
of the better characterized ZnO nanoparticles. We tested effects of environmentally relevant
(0.12 pM) and high (1.2 uM) concentrations of suspended ZnO nanoparticles and nanorods,
as well as the effects of ZnO nanorods immobilized on the glass surface, on energy
metabolism, general stress responses and induction of apoptosis in M. edulis, To assess
whether nano-ZnO exposures led to a disruption of energy balance reflecting suppression of
aerobic metabolic pathways and/or elevated energy costs of detoxification [39], we
determined the effects of ZnO nanomaterials on activity of the mitochondrial electron
transport system (ETS), tissue energy reserves (carbohydrates, lipids and proteins) and the
activity of autophagic enzymes (total and free catepsin D). Activation of autophagic pathways
allows recycling intracellular proteins and organelles for energy and is typically induced by
cellular energy deficiency or extensive damage [40]. Induction of apoptosis by nano-ZnO was



tested by determining mRNA expression of key genes involved in regulation of the intrinsic
(stress-induced) apoptotic pathway (caspases 2, 3 and 8, Bcl-2 and BAX) and cell survival
(TAK1, NF-kB and inhibitors of NF-kB 1a and 2a). Oxidative stress as a potential mechanism
for apoptosis induction and a general cellular stress marker, was assessed by measuring the
level of oxidative lesions in proteins (carbonyls) and lipids (malondialdehyde), and general
cellular stress was assessed by measuring lysosomal membrane stability in hemocytes [41].
Tissue levels of metallothioneins were measured to determine whether the toxic effects of
different forms of nano-ZnO are associated with elevated tissue levels of Zn, which is a
known metallothionein inducer [42]. This study provides insights into the toxic mechanisms
of different forms of nano-ZnO, demonstrates distinct biomarker profiles of nano-ZnO
compared with ionic Zn%* and shows that ZnO nanorods are less toxic than conventional ZnO
nanoparticles at comparable sublethal concentrations, yet more toxic than dissolved Zn?+.

MATERIALS AND METHODS

Preparation and characterization of ZnO nanostructures. Attached (NRA) or suspended
(NR) ZnO nanorods were prepared using a two-step process described elsewhere {Al-Fori,
2014 #16746 Briefly, a seed layer of ZnO nanocrystallites was deposited on surfaces of
cleaned microscope glass slides (size 75 x 25 mm) and used to grow NRs. The samples were
annealed in an atmospheric furnace at 350°C for 5 h and stored in an oven at 95 °C until
further use. This resulted in homogenious growth of nanorods with the length of >500 nm
and the diameter of about 80 nm. The average amount of ZnO nanorods was estimated by
using a QC microbalance attached to Thermo gravimetric analysis (TGA) (PerkinElmer
Frontier 1, USA) and found to be 0.2655 * 0.0259 mg/cm?2. To prepare suspension of ZnO
nanorods (NR), immobilized ZnO NR (NRA) were scraped with sterile scalpel and suspended
in seawater to reach desired concentrations. Commercial ZnO nanoparticles (NPs)
(manufacturer’s reported average size 30 nm) were purchased from Sigma-Aldrich
(Taufkirchen, Germany). The morphology of NPs and synthesized immobilized or suspended
NRs were characterized using filed-emission scanning electron microscopy (FE-SEM,
GEMINI® Ultra 55, Carl Zeiss AB, Sweden). High resolution transmission electron microscopy
(HR-TEM, JEM-2100F, JEOL (Nordic) AB, Sweden) was employed to examine the morphology
and crystal structure of ZnO nanoparticles and free-standing ZnO nanorods. The
concentration of zinc in ZnO samples was measured by inductively coupled plasma atomic
emission spectroscopy (ICP-AES, iCAP 6500 ICP Spectrometer, Thermo Scientific Inc., U.S.).
Suspension of ZnO nanoparticles and nanorods was prepared in salinity 15 water (NaCl
equivalent), and the size distribution was measured using the particle size analyzer (Delsa™
Nano C, Beckman Coulter Inc., USA).

Animal collection and exposures. Mussels were collected near Warnemiinde, Germany
(54°10749.602"N, 12°05°21.991"E). All Baltic populations of Mytilus represent Mytilus edulis



x M. trossulus hybrids, and the studied Mytilus population has ~70% and 100% of the nuclear
and mitochondrial genetic background, respectively, that identifies with M. edulis [43]. Based
on the predominance of M. edulis genes in the studied natural hybrids, we designated
experimental animals as M. edulis. The mussels were transported in sea water to the
University of Rostock within 2 h of collection. The shells were cleaned from epibionts, and
the mussels were kept in aerated, temperature-controlled recirculated aquaria with a multi-
step filtration system including UV-water treatment, protein skimmer and a moving bed
biofilter. Mussels were acclimated at 15+1°C and salinity 15+1 for at least four weeks prior
to the experiments. Average shell length of experimental mussels was 45.4+0.7 mm, soft
body mass 4.32+0.21 g (N=24).

After the preliminary acclimation, mussels were randomly assigned to one of the following
eight groups: 1) control (no Zn addition); 2) 0.12 uM Zn as ZnO nanoparticles (NP-L); 3) 1.2
UM Zn as ZnO nanoparticles (NP-H); 4) 0.12 uM of Zn as suspended ZnO nanorods (NR-L); 5)
1.2 uM of Zn as suspended ZnO nanorods (NR-H); 6) adherent ZnO nanorods (NRA) on a
glass slide; 7) 0.12 pM of Zn?* as ZnSO4 (Zn-L); 8) 1.2 uM of Zn?* as ZnS04 (Zn-H). Each group
was randomly subdivided and placed into 2-3 replicate tanks, each tank containing 15
mussels in 5 L of artificial seawater (ASW) (Instant Ocean, Aquarum Systems, Sarrebourg,
France). For nano-ZnO and ionic Zn exposures, a static renewal design was used with water
change and Zn addition twice a week. Following the water change, 10,000-fold concentrated
NP or NR suspensions, or ZnSO4 solution in ultrapure water was added to the respective
experimental tanks to achieve a nominal concentration of 0.12 pM (10.0 pg L-1) or 1.23 uM
(100.0 pg L1) Zn. For immobilized ZnO NR exposures, one glass slide (19.5 cm? each,
concentration of ZnO = 1.035 mg/L; 12.3 uM) was placed into each replicate tank covering
XX% of the bottom surface. The rational of using such high ZnO concentrations was to mimic
the potential effect ZnO nanorod coatings on mussels attaching to surfaces coated with ZnO
nanorods. In our experiment, mussels predominantly attached to the slides with
immobilized ZnO. Ionic Zn treatments were to test whether the observed effects of nano-
ZnO can be ascribed to the release of Zn2*. Control mussels (C) were maintained under the
same conditions but without addition of ZnO nanomaterials or Zn2*. Mussels were exposed
for 14 days to different conditions in 12:12 light: dark period. The OSRAM L58W7840
Lumilux T8 (color temperature 4000 K) lamps were used as a light source. The light intensity
measured in the experimental tanks during the light period was 2.69+0.18 pmol photons s-1
m-2 (N=4). All exposures were conducted at 15+1°C and salinity 15+1. During preliminary
acclimation and experimental exposures, mussels were fed ad libitum on alternate days with
a commercial blend of live algae containing Nannochloropsis oculata, Phaeodactylum sp. and
Chlorella sp. (Premium Reef Blend, CoralSands, Wiesbaden, Germany) per manufacturer’s
instructions. No mortality of the mussels occurred during the experimental exposures except
of NRA group where 12% of mussels died after 14 days.



After 14 days of experimental exposure, mussels were dissected on ice, and blood
(hemolymph) and soft tissues were collected. Lysosomal membrane stability was
determined in hemocytes, all other traits (oxidative stress indices, enzyme activities,
metallothionein concentration, energy reserves, ETS activity and mRNA expression of target
genes) were evaluated in the whole soft tissue. Hemocytes were studied immediately after
sampling, while whole soft tissue samples were shock-frozen in liquid nitrogen and stored
at -80°C until further analyses. No effects of experimental tanks on the studied traits were
found in a pilot analysis (P>0.05), and individual mussels were used as biological replicates.

Oxidative stress markers. Lipid peroxidation (LPO) was determined in the total soft tissue
homogenate (1:10 w:v) by the production of TBA-reactive substances (TBARS) [44]. The
absorbance of the chromogen was determined at 532 nm using a SpectraMax M2 microplate
reader (Molecular Devices GmbH, Biberach-an-der-Rif3, Germany) with the LightPath
correction. A molar extinction coefficient of 1.56:105 M-1.cm -1 was used.

Protein carbonyl (PC) concentration, as index of protein oxidation, was measured in the
trichloroacetic acid-treated total soft tissue homogenate (1:10 w:v) samples by the reaction
with 2,4-dinitrophenylhydrazine (DNPH)[45]. Differences in the absorbance between the
DNPH- and the HCl-treated samples were determined spectrophotometrically at 370 nm
using a SpectraMax M2 microplate reader (Molecular Devices GmbH, Biberach-an-der-Rif3,
Germany) with the LightPath correction, and the amount of carbonyls was determined by
using molar extinction coefficient of 2.2:10% M-1.cm-1. Data were expressed as pmol PC-g1
FW.

Quantification of metallothioneins (MTs). Metallothioneins (MTs) were determined in
total soft tissue according to a published protocol [46] after ethanol/chloroform extraction
with DTNB and calculated by assuming the relationship: 1 mol MT-SH = 20 mol GSH and
expressed as pug of MTs per gram of wet mass.

Cathepsin D activity. Cathepsin D (EC 3.4.23.5) activity was determined in the whole soft
tissue homogenate in 0.25 M sucrose (1:2 w: v) with 1% hemoglobin as substrate [47].
Cathepsin D has effect on acid denatured hemoglobin resulting in a soluble colored complex
which can be read spectrophotometrically at 280 nm using a SpectraMax M2 microplate
reader (Molecular Devices GmbH, Biberach-an-der-Rif3, Germany) with the LightPath
correction. Free cathepsin D activity was assessed in total soft tissue homogenate without
detergent addition, whereas the total cathepsin D activity was measured after the enzyme
release by Triton X100 treatment. Lysosomal cathepsin D activity was calculated as a
difference of total and free activities. Activities were determined using a standard curve with
tyrosine, and expressed as nmol tyrosine min-1 mg-! of soluble extracted protein.



Energy reserves. Energy reserves (lipids, proteins and carbohydrates) were assessed in the
gill and the whole tissue of M. edulis. Lipid content was measured using chloroform-methanol
method [48]. Approximately 50 mg of tissue powder was added to 3 mL of chloroform:
methanol mixture (1:1, v: v), incubated for 5 min with vigorous mixing, and centrifuged at
3,000 x g for 4 min to remove the debris. Extracted lipids or soybean oil standards (250 pL
per sample) were dried out at 100°C for ~10-12 min. 100 pL of 98% sulfuric acid (H2S04)
was added to each sample and heated at 100°C for 10 min. The sample was cooled down to
room temperature, mixed with 2.4 mL of vanillin reagent (600 mg vanillin in 100 mL of hot
water mixed with 400 mL of 85% phosphoric acid) and incubated for 5 min.

For determination of the carbohydrate and soluble protein content, ~50 mg of tissue powder
was mixed with ultrapure water containing 0.1% Triton (1:10 tissue mass to volume). Cells
were lysed by three rapid freeze-thaw cycles at -80°C and centrifuged at 3,000 x g for 3 min
to remove the debris. Carbohydrate concentrations were measured using phenol-sulfuric
acid method [49]. Samples or glucose standards (200 pL) were mixed with 600 pL of
concentrated H2S04, immediately followed by addition of 120 pL of 5% phenol. Samples
were incubated for 5 min at 90°C, cooled and used to determine the carbohydrate content.
Protein concentrations were measured using Biorad Bradford Protein Assay Kit according
to the manufacturer’s instructions (Bio-Rad, Hercules, CA, USA) with BSA as a standard. The
absorbance was read at 490, 492 and 595 nm for lipids, carbohydrates and proteins,
respectively, using a SpectraMax M2 microplate reader (Molecular Devices GmbH, Biberach-
an-der-Rif}, Germany). Total energy reserve was calculated using energy equivalents of 39.5
k] g-1,17.5 k] g-1 and 24 k] g1 for lipids, carbohydrates, and proteins, respectively [50].

Activity of mitochondrial electron transport system (ETS) and non-mitochondrial
reductases. ETS activity was measured in the whole-body extracts of M. edulis using (2-(4-
iodophenyl)-3-(4-nitrophenyl)-5-phenyl tetrazolium chloride) (INT) tetrazolium reduction
assay as described elsewhere [51, 52]. Briefly, whole body of mussels was homogenized with
ETS-B solution (153 uM MgS0s4, 1.5 mg ml-1polyvinylpyrrolidone, and 0.2% (v: v) Triton X-
100 in 0.1 M Tris-HCl, pH 8.5) at 1:50 (w: v) ratio. The homogenate was centrifuged at 3000
x g for 10 min at 4°C, and supernatant used to assess the ETS activity as the rate of the
NAD(P)H-dependent reduction of INT-tetrazolium to formazan at 20°C[52]. The potential
non-mitochondrial reduction of INT-tetrazolium in the samples was determined by addition
of 10 uM of rotenone and 675 mM of KCN (inhibitors of the mitochondrial Complex I and IV,
respectively) to the assay. ETS activity was calculated by subtracting the blank slopes from
the reaction slopes for each sample. Specific ETS activity of the tissues (umol Oz min-! mg
wet tissue mass) was calculated from the rotenone- and KCN-sensitive rate of INT reduction
using the extinction coefficient of formazan of 15.9 mM-1 cm! and the stoichiometric
equivalent of 1 pmole formazan to 0.5 pmole Oz, and expressed as nmole O min-1 g1 wet body



mass. The activity of non-mitochondrial reductases was calculated from the rotenone- and
KCN-insensitive rate of INT reduction and expressed mU g1 wet body mass.

Quantitative RT-PCR. Total RNA was extracted from the whole tissue samples of control and
nano-Zn0O-exposed mussels using TRI reagent (Sigma, St. Louis, MO) according to the
manufacturer's protocol. Tissue to TRI reagent ratio was kept below 1:10 (w: v). this method
yielded high purity total RNA with 280/260 absorbance ratio > 1.9. RNA samples were
cleaned up from possible DNA contamination using TURBO DNA-free Kit (Thermo Fisher
Scientific, Berlin, Germany) was used according to the manufacturer’s instructions. cDNA
was obtained from 2 pg of total RNA using High Capacity cDNA Reverse Transcription Kit
(Thermo Fisher Scientific, Berlin, Germany) according to the manufacturer’s instructions.
Quantitative PCR was carried out using StepOnePlus™ Real-Time PCR System Thermal
Cycling Block (Applied Biosystems, Thermo Fisher Scientific, Berlin, Germany) and Biozym
Blue S’Green qPCR Mix Separate ROX kit (Biozym Scientific GmbH,_Hessisch Oldendorf,
Germany) according to the manufacturer’s instructions. Reaction mixture containing 10 pL
of 2x qPCR S'Green BlueMix and ROX additive mixture, 1.6 pL of each forward and reverse
primer (to the final concentration of 0.4 umol L-1), 4.8 uL. PCR grade water and 2 pL of cDNA
sample were added to the wells of 96 well PCR plates, sealed (RT-PCR Seal foil, Roth,
Karlsruhe, Germany) and briefly centrifuged to collect the contents and eliminate air
bubbles. The cycling parameters were as follows: 95°C for 10 min to activate the polymerase
followed by 40 cycles of 15 s at 95°C and 60 s at 60°C. Following the amplification, a melt
curve analysis was performed to ensure that only a single PCR product was amplified. Two
replicates were done for each sample. In each run, serial dilutions of a cDNA standard were
amplified to determine amplification efficiency [53]. The apparent amplification efficiency
was calculated, and the expression of the target genes was normalized against the expression
of a housekeeping gene as described elsewhere [53, 54]. In a pilot study, three housekeeping
genes (B-actin, tubulin and eukaryotic elongation factor eEF1) were tested, and the least
variable eEF1 was used as a housekeeping gene for normalization of the target genes
[caspase 2, caspase 3, caspase 8, Bcl2, BAX, TGF-B-activated kinase 1 (TAK1), nuclear factor
kappa B-1 (NF-kB1), inhibitor of nuclear factor kappa B-1 (IKK1) and inhibitor of nuclear
factor kappa B-2 (IKK2)].

General stress markers. Hemolymph was withdrawn from the adductor muscle sinus.
Hemocytes were washed and pelleted at 500 x g using a hemocyte (HC) buffer containing 20
mmol L-1 Hepes, 436 mmol L-1 NaCl, 53 mmol L-1 MgS04, 10 mmol L-1 CaClz and 10 mmol L1
KCl, pH 7.3. Hemocytes were enumerated using BrightLine hemacytometer. Hemocytes
resuspended in HC buffer, diluted to 1 x 107 cells/mL, then aliquoted for analyses. Lysosomal
membrane stability was determined in hemocyte suspension by the Neutral Red Retention
(NRR) assay as described elsewhere [55].



Statistics. Data were tested for the normality and homogeneity of variances using
Kolmogorov-Smirnov and Levine test, respectively. For the data deviating from normality or
homogeneity of variances, Box-Cox or logio transformation was used. If the transformations
did not result in normal distribution, non-parametric Wilcoxon-Mann-Whitney test was
used. The effects of nano-ZnO exposure on the biological traits were tested using one-way
ANOVA. Normalized, Box-Cox transformed data were subjected to the principal component
analysis (PCA) to reduce the dimensionality of the data set and identify the potential
biomarker signatures of different experimental exposures. The classification tree based on
all studied trait was built using Classification and Regression Tree (CART) software using
raw (non-transformed) data.

The integrated biomarker response (IBR) indexes were calculated using CALculate IBR
Interface (Calibri, https://liec-univ-lorraine.shinyapps.io/calibri/) as described elsewhere
[56]. IBR was calculated and IBR radar plots generated separately for mRNA expression of
target genes, and for stress and toxicity biomarkers because Calibri interface allows
uploading a maximum of seven traits.

All statistical calculations except IBR were performed with Statistica v. 12.0 and Excel for
Windows-2013. Differences were considered significant if the probability of Type I error was
less than 0.05.

RESULTS

Nanomaterials characterization. The average particle size of commercial ZnO
nanoparticles (NPs) was 30.1+6.3 nm (mean * S.D., N = 200). TEM images of NPs at higher
magnification show two lattice spacings of 2.45 A and 2.60 A corresponding to (101) and
(002) lattice planes of zinc oxide, respectively (Fig. 1 II, III). Figure 1 Ic shows the selected-
area electron diffraction (SAED) pattern of ZnO nanoparticles. Several diffracted spots on
different rings were selected to calculate the lattice spacing in real space. The first three ring
patterns with strong intensity represent (100), (002) and (101) planes of ZnO wurtzite
structure. Diffraction patterns of ZnO from other lattice planes of (102), (110), (103), (200),
(112) and (201) are found.

ZnO nanorods (NRs) (Fig. 1 II) had length from a few hundreds to a thousand nanometers
and the lattice spacing of 2.60 A corresponding to the distance between (002) crystal planes,
which indicates [001] as the growth direction for NRs (Fig. 1 IIb). The SAED image of a ZnO
nanorod shows the single crystalline nature of NRs (Fig. 1 IIc). Immobilized ZnO nanorods
(NRA) have the same structure as suspended NRs (Fig. 1). The size distribution of NPs in
water was in a similar range for two different particle concentrations with a peak of size
distribution ~ 100 nm (Supplementary Fig. 1). Suspended NRs have size distribution in a
range from 200 nm to 1 pm.


https://liec-univ-lorraine.shinyapps.io/calibri/

Oxidative stress markers. Exposure to ZnO NPs (0.12 and 1.2 pM) led to accumulation of
oxidative lesions to lipids and proteins in M. edulis as indicated by elevated levels of TBARS
and/or carbonyl groups in proteins (Fig. 2A, B). Exposure to high concentration (1.2 pM) of
ZnO NRs and 0.12 uM Zn?* also led to accumulation of TBARS and protein carbonyls (Fig. 24,
B). Attached ZnO nanorods, 0.12 uM of suspended ZnO NRs or 1.2 uM Zn?* had no effect on
the studied oxidative markers (Fig. 2).

Metallothioneins. Concentrations of metallothioneins were significantly upregulated in the
mussels exposed to 0.12 pM ZnO NPs, 1.2 uM ZnO NRs, and 0.12 pM Zn?* (Fig. 2C). In all
other treatments, no increase in MT concentrations was found in the mussels’ body.

Lysosomal membrane stability. Lysosomal membrane stability measured by the ability of
the cell to take up and retaina vital dye Neutral Red was significantly suppressed in hemocytes
of M. edulis exposed to 0.12 and 1.2 uM ZnO NPs, 1.2 pM ZnO NRs, and 0.12 uM Zn?* (Fig.
2D). No significant decline in the lysosomal membrane stability was found in the hemocytes
of mussels exposed to 0.12 uM ZnO NRs, attached nanorods, or 1.2 uM Zn?* (Fig. 2D).

Autophagic markers. Exposure to 0.12 puM ZnO NPs, 1.2 uM ZnO NRs, and 0.12 pM Zn2*
stimulated the total cathepsin D activity as well as release of free cathepsin D in the mussels
(Fig. 2E, F). All other treatments had no significant effects on the total or free cathepsin
activity.

Energy reserves. Low concentrations (0.12 puM) of ZnO NPs and NRs led to a significant
decline of body lipid content of M. edulis (Fig. 3A). Low concentrations (0.12 uM) of ZnO NPs
and dissolved Zn?* led to elevated concentrations of carbohydrates (Fig. 3B). All other
treatments had no significant effect on the body lipid or carbohydrate content (Fig. 3A, B).
Protein content of M. edulis was not affected by experimental exposures to nano-ZnO or
dissolved Zn?* (Fig. 3C). Exposure to 0.12 uM ZnO NPs (but none of the other experimental
exposures) resulted in a significant decline of the total energy reserve of the M. edulis bodies
(Fig. 3D).

ETS and non-mitochondrial reductases. Whole-body ETS activity of the mussels was
suppressed by exposures to 1.2 pM ZnO NPs, 0.12 uM ZnO NRs and attached ZnO NRA (Fig.
4A). Exposure to ionic Zn2+, 0.12 pM ZnO NPs, or 1.2 pM ZnO NRs had no effect on the ETS
activity (Fig. 4A). Activity of non-mitochondrial reductases was stimulated by 1.2 uM ZnO
NPs, 0.12 and 1.2 uM ZnO NRs, and NRA (Fig. 4B). Exposure to ionic Zn?* had no effect on the
activity on mitochondrial reductases (Fig. 4B).

Apoptotic markers. Exposure of mussels to suspended ZnO NPs led to a concentration-
dependent increase in mRNA expression of caspase 2, caspase 3, TAK1, NF-kB and Bcl-2 (Fig.
5). Caspase 2 mRNA was upregulated by ~8 and ~270-fold in the mussels exposed to 0.12



and 1.2 uM ZnO NPs, respectively (Fig. 5A). Caspase 3 mRNA levels were upregulated by ~5-
fold by exposure to 1.2 uM (but not to 0.12 uM) ZnO NPs (Fig. 5B). Expression of TAK1 and
NF-kB mRNA increased by ~4-6-fold at 0.12 pM ZnO NPs and by ~10-15-fold at 1.2 uM ZnO
NPs exposures (Fig. 5D, E). Levels of Bcl-2 mRNA increased by ~4 and 6-fold in the mussels
exposed to 0.12 and 1.2 uM ZnO NPs, respectively (Fig. 5F). mRNA expression of caspase 8,
BAX, IKK1 and IKK2 were not affected by exposure to ZnO NP (Fig. 5C, G, H, I).

Exposure to suspended ZnO nanorods (NRs) upregulated mRNA expression of apoptotic
markers in the mussels similar to the effects of ZnO NPs, albeit the stimulatory effects of ZnO
NRs on apoptotic markers were generally lower than at the respective concentrations of NPs.
Thus, exposure to a low concentration (0.12 puM) of ZnO NRs upregulated mRNA levels of
caspase 2 and 3 by ~4-6-fold, and those of TAK1, Bcl-2 and IKK2 by ~2-fold (Fig. 5A, B, D, F,
I). Exposure to 1.2 pM ZnO NRs upregulated mRNA levels of caspase 3, TAK1, NF-«kB and Bcl-
2 by ~40, 12, 10 and 5-fold, respectively (Fig. 5A, D, E, F). mRNA expression of caspase 8,
BAX and IKK1 was not affected by exposure to ZnO NRs (Fig. 5C, G, H).

Exposure to attached ZnO nanorods stimulated mRNA expression of caspase 2 (by ~420-
fold), TGF-B, NF-xB (by ~10-fold) and Bcl-2 (by ~2-fold) in M. edulis. Exposure to the
waterborne soluble Zn2+ had no stimulatory effect on mRNA expression of the studied
apoptotic markers (Fig. 5).

Data integration. Principal component analysis (PCA) using all studied bioenergetics and
stress-related traits identified three principal components (PC) jointly explaining 57% of
variation of the data (Supplementary Table 1). The 1st PC explaining 20.4% of variance had
high positive loadings (>0.5) of free cathepsin D and ETS activities and high negative loadings
(<-0.5) of caspases 2, 3 and 8, Bcl2, TGF-3, NF-kB and CEA (Supplementary Table 1; Fig. 6).
The 2nd PC (explaining 16.6% of variance) had high positive loadings of TBARS, total and free
cathepsin D activity, Bcl2, TGF-B, NF-xB and high negative loadings of the lysosomal
membrane stability marker (NRR) (Supplementary Table 1; Fig. 6). The 34 PC (12.6% of
variance) had high positive loadings of inhibitor of NF-kB 2Za mRNA levels, and of body
concentrations of carbohydrates and proteins (Supplementary Table 1). The mussels
exposed to low concentrations of NRs (0.12 pM Zn) group together with the control mussels
and those exposed to high (1.23 puM) levels of ionic Zn in the plane of two 1st principal
components (Fig. 6). Similarly, mussels exposed to high levels of NRs group with those
exposed to low levels of NPs, and the mussels exposed to attached nanorods (NRA) group
with those exposed to high levels of suspended NPs (Fig. 6).

IBR radar plots based on the bioenergetics markers show considerable changes in the
biomarker response profiles but no consistent trend associated with exposures to ZnO NPs,
NRs or ionic Zn (Fig. 7). IBR analysis based on general stress markers (oxidative stress
markers, lysosomal membrane stability and metallothionein levels) showed similarities



between the control group and that exposed to high levels of ionic Zn (Fig. 8). Other groups
showed increase in the general stress-related markers but no consistent pattern differences
between ZnO and low Zn?* exposures (Fig. 8). IBR radar plots based on apoptotic markers
indicated similarity between the control group, and the mussels exposed to the high and low
concentrations of ionic Zn, as well as the low concentration of ZnO NPs (Fig. 9). These groups
showed low response for all studied apoptotic markers. The mussels exposed to low levels
of ZnO NRs showed high response of caspases 3 and 8, but no response for other studied
apoptotic markers (Fig. 9). In contrast, mussels exposed to high levels of NPs or NRs, and
attached nanorods (NRA) showed a strong profile of apoptosis activation, which was
especially pronounced in mussels exposed to the high levels of ZnO NPs (Fig. 9).

CART analysis showed that of all the studied traits, apoptosis markers had the most power
to distinguish among the experimental treatment groups (Fig. 10). Thus, mussels exposed
to the high concentration of NRs, attached NRs or the high concentration of NPs were
separated from all other groups based on the elevated expression (>130) of caspase 2 mRNA.
Of the former groups, mussels exposed to attached NRs were distinguished from those
exposed to the high concentration of suspended NR based on extremely high (>814) levels
of caspase 2 mRNA (Fig. 10). Caspase 8 was the key trait distinguishing the groups exposed
to the high concentration of NPs and high concentration of NRs, with the higher caspase 8
expression in the former group. Groups exposed to ionic Zn were distinguished by low levels
of caspase 2 mRNA, below those of the control group (Fig. 10). The lowest level of caspase 2
expression (<1.3) was characteristic of the mussels exposed to the low concentration of Zn2+.
Mussels exposed to the low concentration of ZnO NPs were distinguished from the control
group and from the mussels exposed to the low concentration of ZnO NRs based on their low
body lipid content, and the lower levels of NF-kB 2a inhibitor mRNA, respectively (Fig. 10).

DISCUSSION

Introduction of new nanomaterials in the marine environment (such as nano-Zn0O-based
antifouling coatings) carries potential risks to non-target marine organisms due to the
possible release of trace metals and direct toxic effects of nanostructures. Our study showed
that ZnO nanorods, a promising antifouling material (2; cite here Sathe et al. ), induces
toxicity and cellular stress response in a sentinel bivalve, the blue mussel M. edulis. The
toxicity of ZnO adherent and suspended nanorods was, however, lower than that of
commercially produced spheroid ZnO nanoparticles, such as commonly used in textiles and
personal care products (including sunscreens). Despite different toxicity levels, ZnO
nanoparticles and nanorods share similar toxicity mechanisms that are distinct from those
of ionic zinc. Our data show that Zn-containing nanostructures are potentially harmful to
marine organisms and their toxicity is not due to the release of free Zn?* from ZnO
nanostructures in seawater.



Effects of ZnO nanostructures and ionic Zn?* on mussels’ bioenergetics

Environmental pollutants (including trace metals) can cause energetic stress in marine
organisms due to the elevated costs of detoxification, stress protection and damage repair
[57]. De novo synthesis of proteins involved in detoxification (e.g. metallothioneins,
membrane efflux pumps, or xenobiotic biotransformation enzymes) and stress protection
(e.g. molecular chaperones and antioxidants) are energetically costly [39, 58, 59].
Furthermore, inflammation caused by metals or metal-containing nanostructures [37, 60,
61] may contribute to the elevated energy costs of basal maintenance [62]. Therefore,
elevated energy demand for cellular homeostasis in pollutant-exposed organisms might
outstrip the organism'’s ability to assimilate energy from the environment resulting in the
mobilization of the body energy reserves such as carbohydrates (glycogen) and lipids.

Glycogen is a key energy storage compound in marine bivalves providing rapidly mobilizable
substrate to support high energy flux (e.g. during reproduction or activity) or to fuel energy
metabolism when other energy fuels cannot be used (e.g. during environmental anaerobiosis
when the absence of oxygen prevents aerobic oxidation of lipids). Exposure to trace metals
(such as cadmium, copper and zinc) as well as organic pollutants commonly results in
mobilization and eventually depletion of the glycogen reserves in aquatic organisms
reflecting elevated energy demand [15, 63-67]. ZnO nanoparticles can also directly affect
glycogen metabolism REFERENCE?. In human hepatocytes, high exposures to ZnO (>10 pg
cm2 cell culture surface) stimulate both glycolysis and gluconeogenesis [68]. Carbohydrate
degradation was also stimulated by ZnO NPs in bacteria Staphylococcus aureus [69].
Glycogen depletion was also found in freshwater bivalves Unio tumidus exposed to ZnO NPs
(3.1 uM Zn) [22]. Our study shows that the carbohydrate stores (that consist by >90% of
glycogen in mussels) are not depleted during exposure to the studied concentrations of ZnO
nanostructures or ionic Zn2* (corresponding to 0.12 or 1.2 uM Zn) in Mytilus. In fact, in two
experimental groups of mussels (exposed to 0.12 pM of ZnO NPs and Zn?*) the body
carbohydrates content increased. This increase was associated with a strong reduction in
the lipid levels in the mussels exposed to 0.12 uM ZnO NPs indicating a shift in the relative
rates of lipid and glycogen synthesis and breakdown. The resulting change in the body
composition led to an overall decrease in the body energy content of 0.12 pM ZnO NPs-
exposed mussels. Notably, the body protein content of the mussels remained stable during
the experimental exposures. This is consistent with the generally accepted role of the
proteins as the last-resort energy reserve that is used during extreme energy deficiency
(such as starvation) or short-term extreme energy demand such as exhaustive exercise [70,
71]. Generally, exposure to ZnO nanostructures and ionic Zn?* led to a decrease in the total
body energy content of experimental mussels. An opposite trend was detected for the low
Zn2* concentration which stimulated the glycogen build up and increased the total energy
content of the mussels’ bodies. However, except for the mussels exposed to low ZnO NP



concentrations, this decrease in the energy content was not significant in other experimental
exposures indicating that exposure to ZnO nanostructures and ionic Zn2+* does not result in
severe energy deficiency in Mytilus.

Bioenergetics stress might be exacerbated by the negative effects of ZnO nanomaterials on
mitochondria that generate over 90% of cellular ATP in aerobic organisms. Trace metals,
such as Zn, Cd and Cu, have direct negative impacts on mitochondrial function resulting in
the suppression of the ATP synthesis capacity and a decrease in the mitochondrial efficiency
[72-76]. Mitochondria are sensitive to ZnO NPs; studies in model organisms and mammalian
cell lines show that long-term exposure to ZnO lead to the loss of mitochondrial membrane
potential and decrease in mitochondrial activity [37, 68]. Similarly, exposure to high
concentrations of ZnO (4 mg L1 corresponding to 49.2 uM Zn) damaged mitochondria of a
marine bivalve Crassostrea gigas resulting in membrane rupture, mitochondrial swelling and
loss of the mitochondrial cristae [77]. Our study shows that low, environmentally relevant
Zn0 exposures (0.12-1.2 uM) also suppress the mitochondrial ETS activity of Mytilus albeit
this effect is not consistent across all nano-Zn exposures and found only in 0.12 uM ZnO NPs,
1.2 pM ZnO NRs and ZnO NRA. It is worth noting that in our study, the total ETS capacity was
assessed in the whole-body homogenates, so that the observed decline in mitochondrial ETS
activity may reflect a decrease in the mitochondrial quality as well as quantity of the
mitochondria in the tissue. Future studies using isolated mitochondria as well as the
assessments of the mitochondrial density in different tissues are needed to resolve this
question. Regardless of the underlying mechanisms, a decrease in the mitochondrial ETS
capacity indicates negative impacts of nano-ZnO on bioenergetics of Mytilus, since ETS
capacity tightly correlates with the maximum capacity for ATP synthesis in marine bivalves
[15, 52, 78]. Notably, unlike nano-ZnO, exposures to ionic Zn had no negative effect on the
studied bioenergetics traits of Mytilus indicating that the observed disturbances of energy
homeostasis in Zn0O-exposed mussels are unlikely to be due to the release of Zn?* from the
nanomaterials.

Oxidative stress in mussels to nano-ZnO and ionic Zn2+

Oxidative stress has been proposed as a major toxicity mechanism for ZnO nanoparticles [26,
37] and is the putative mode of antifouling action of ZnO nanorods [2, 8]. Therefore, we
anticipated that exposure of the mussels to ZnO nanomaterials would result in oxidative
injury due to the elevated production of reactive oxygen species, and that this response will
be stronger than in case of ionic Zn2*, which is a redox inactive metal [79]. However, our data
showed a modest oxidative stress response to ZnO nanostructures in Mytilus, as assessed by
the indices of the lipid and protein damage, TBARS and carbonyls, respectively. This can be
explained by low visible ligt intensity used during this study. The observed increase in
TBARS and carbonyl content of the mussels’ body was similar or lower than during



exposures to ionic Zn?* and not concentration-dependent. Thus, elevated levels of TBARS
indicative of the lipid damage were found in the mussels exposed to low concentrations of
Zn0O NPs and ionic Zn?*, as well as those exposed to high concentration of ZnO NRs, but not
in high Zn?+*, high NPs, or attached NRs exposures. Similarly, elevated levels of protein
carbonyls were found in mussels exposed to high concentrations of NPs and NRs, and low
concentrations of Zn?*, but not in other exposures. These findings indicate that oxidative
injury is not a major mechanism on nano-Zn-induced toxicity in Mytilus in the
environmentally relevant concentration range (0.12-1.23 pM). Notably, exposures to ZnO
NPs and ionic Zn%* upregulated mRNA expression of antioxidant enzymes including
glutathione-S-transferase, catalase and superoxide dismutase in a related mussel species,
Mytilus galloprovincialis [30], and increased enzymatic activity of catalase and superoxide
dismutase in the carpet clam Ruditapes philippinarum [80]. Similar to our present study,
there was no indication of oxidative injury to lipids or proteins in R. philippinarum after
prolonged (7 days) exposure to ZnO NPs corresponding to 0.012 and 0.12 pM Zn [80]. Zn?*
has well known antioxidant properties both at normal and supraphysiological
concentrations [81], which might explain the stimulatory effects of ionic Zn (and possibly, of
Zn0 nanomaterials, assuming some Zn?* is released) on the antioxidant defense system of
mussels and clams. It is worth noting that the metallothioneins (MTs) content was
significantly increased only in the mussels from the highest tested Zn exposures including
high concentrations of NPs, attached NRs and high concentration of ionic Zn?*. It is highky
likely that the modest extent of MTs induction indicates a small increase in the intracellular
Zn2+ burdens of experimental mussels. The main function of thiol-rich MTs is chelation of
intracellular trace metals (such as Zn2+, Cd%* or Cu?*) [82, 83] but they can also act as free
radical scavengers [84, 85] so that elevated MTs levels in the mussels in high Zn exposures
may contribute to increased antioxidant capacity. Therefore, taken together, our findings
and the earlier published research [30, 80] show that antioxidant systems of marine bivalves
are sufficient to counteract an increase in ROS production (if any) that might be caused by
Zn0 nanomaterials.

Lysosomal responses to Zn-containing exposures in mussels

Lysosomal membrane stability of hemocytes is commonly used as a marker of general stress
response in bivalves [86, 87]. Given that lysosomes are a key intracellular target of ZnO
nanoparticles [26, 37] as well as an important site of metal detoxification [88, 89], exposures
to high levels of nano-ZnO are expected to result in lysosomal stress and destabilize the
lysosomal membrane as was shown earlier in freshwater bivalves [22, 23, 90]. Our present
study shows that a similar decrease in the lysosomal membrane stability in Mytilus exposed
to ZnO NP.; However, during exposure to ZnO nanorods, only the highest concentration of
suspended NRs led to destabilization of the lysosomal membrane of hemocytes shown by a
decrease in NRR. This suggests that ZnO particle morphology plays a role in the lysosomal



toxicity, with the larger nanorods being generally less toxic than the smaller spheroid
nanoparticles.

Exposure to ZnO NPs (0.12 uM), low levels (0.12 uM) of ionic Zn and high concentration (1.2
uM) of suspended NRs led to a slight but significant increase in the total levels of cathepsin
D and a notable increase in the free cathepsin D levels. The increase in free cathepsin D was
associated with a decline in the lysosomal membrane stability (measured in hemocytes as a
key cell type integrating the organismal stress [91, 92]) in the mussels from the same
exposure groups, consistent with the cathepsin D release from lysosomes. Activation of
autophagic enzymes, such as cathepsin D, in mussels might indicate elevated recycling of
intracellular structures to augment energy supply [70] and/or their increased breakdown to
minimize stress-induced cellular damage [40, 93]. The former explanation appears less likely
as the bioenergetics markers do not indicate energy deficiency in Zn-exposed mussels. Thus,
activation of the lysosome-based quality control mechanisms to remove damaged proteins
or organelles appear the most plausible explanation of the observed increase in the
cathepsin D total and free activity in Zn-exposed mussels.

Modulation of cell survival pathways by exposure to ZnO nanostructures

ZnO nanostructures induce apoptotic pathways in the mussels Mytilus, with ZnO NPs acting
as more potent apoptosis inducers than ZnO NRs. The strongest response to ZnO
nanostructures was observed for caspase 2, a highly conserved apoptosis initiator caspase
involved in the intrinsic (stress-induced) apoptosis [94]. Caspase 2 (found in the cytosol as
well as the mitochondria [95]) is activated by p53 in response to genotoxic stimuli, metabolic
imbalance or endoplasmic reticulum stress [94, 96]. Caspase 2 acts upstream of the classical,
mitochondrially-induced intrinsic apoptosis pathways (triggered by mitochondrial
membrane permeability transition (MMPT) and cytochrome c release) and may act as
stimulator or inhibitor of apoptosis, depending on alternative splicing [96]. Earlier studies
showed that stress-induced apoptosis in bivalves (such as caused by exposure to toxic metals
Cu?* or Cd?*) does not involve MMPT or cytochrome c release [97, 98]. The mechanisms of
this MMPT-independent apoptosis remain poorly understood in mollusks [97-99], and
upregulation of caspase 2 might provide such putative apoptotic mechanism acting
upstream of the MMPT-dependent pathway. The apoptosis activation by ZnO nanostructures
was specific to the intrinsic stress-induced apoptosis pathway as there was no
transcriptional activation of the main regulatory caspase of the extrinsic (death receptor-
activated) caspase 8 [100]. Notably, mRNA expression of the main executor caspase, caspase
3, did not show a consistent response to nano-ZnO exposures. Transcript levels of caspase 3
were elevated in the mussels exposed to high concentrations of ZnO NPs, suppressed in those
exposed to low concentrations of ZnO NPs, and did not change in the mussels exposed to ZnO
NRs. Caspase 3 is an executor caspase acting downstream from the initiator caspases such



as caspase 2 and 8 [94, 100] and is typically activated by cleavage by initiator caspases [96].
Therefore, the predominantly posttranslational regulation of caspase 3 activity in apoptosis
may explain the lack of consistent transcriptional response of this gene to apoptotic stimuli
such as nano-ZnO [37, 96].

Caspase 2 was shown to be a potent activator of nuclear factor-xB (NF-kB) pathway in a
marine bivalve C. gigas [101]. Our present study supports this notion and shows a
coordinated pattern of upregulation of caspase 2 with NF-kB and TAK1 (Pearson correlation
coefficient R=0.60 and R=0.59, respectively, p<0.001) in Mytilus exposed to ZnO
nanostructures. TAK1 is a key intracellular kinase involved in the cross-talk between TGF-[3
and NF-kB pathways [102]. Furthermore, elevated expression of NF-kB and TAK1 was
associated with upregulation of mRNA of Bcl-2, an antiapoptotic protein under the
transcriptional control of NF-kB [103]. Exposure to ZnO NPs (but not NRs) stimulated mRNA
expression of IKK2, a regulatory protein kinase which phosphorylates inhibitors of NF-kB
(IxB) and targets them for degradation [103]. This releases NF-kB subunits and results in
formation of transcriptionally active NF-kB dimers that translocate into the nucleus and
activate target gens involved in cell survival, proliferation and inflammatory responses [103,
104]. Overall, our data indicate that exposure to ZnO nanostructure leads to a coordinated
transcriptional upregulation of multiple targets of NF-kB pathway and suggests a pro-
inflammatory effect of nano-Zn0O exposures.

Unlike nano-ZnO, exposure to ionic Zn2* at the same concentrations did not result in the
activation of apoptotic cascades or the NF-kB pathways in Mytilus. Caspase 2 mRNA
expression was downregulated in the mussels exposed to ionic Zn, whereas the levels of
other apoptotic markers or inflammatory (NF-kB-related) did not change. This agrees with
the established role of Zn?* as an apoptotic inhibitor [105-108] and emphasizes the
fundamental difference between the toxic mechanisms of Zn2* and ZnO nanoparticles in the
mussels.

Conclusions and outlook

Our study showed common toxic mechanisms of the studied forms of nano-ZnO, such as
nanoparticles, attached and suspended nanorods that involve activation of apoptotic and
inflammatory (NF-kB-related) pathways in a keystone marine bivalve and a common fouling
organism, the blue mussel M. edulis. Pro-apoptotic action of nano-ZnO in the mussels reflects
stimulation of intrinsic apoptotic pathways responding to the cellular injury and stress,
rather than the death-ligand activated extrinsic pathways. These toxic mechanisms of nano-
Zn0O are fundamentally different from those of ionic Zn?* exposures which showed no
inflammatory response and suppression of the apoptotic pathways. Generally, the pro-
apoptotic and pro-inflammatory action was stronger in the common commercial ZnO NPs
compared with the novel ZnO nanorod structures developed as a potential antifouling



coating. High toxicity of attached ZnO nanorods (indicated by elevated mortality and
stimulation of stress-induced caspase 2) may be explained by the 10-times higher
concentration (12 pM) of ZnO in our experiment. Additionally, higher toxicity could be
explained by the immediate impact of coatings on the mussels, since they were attached
directly to coated substrates, while in other treatments nanostructures were dispersed in
seawater. . Suspended ZnO nanorods were considerably less toxic, and the high
concentrations of suspended ZnO NRs (1.2 uM) had similar biomarker profile to the low
concentrations of ZnO NPs (0.12 puM). This finding agrees with the notion that the toxic
effects of the nanomaterials critically depend on their size and shape [109]. Given the
stability of ZnO NR coatings [9, 10] and the relatively low toxicity of ZnO NRs in suspensions,
the undesirable effects of NR release due to the damage of the coating might be expected to
be low in marine organisms such as mussels, making ZnO NR coating a potential low toxic
alternative to copper-containing antifouling paints. Further investigations in marine
organisms at different trophic levels (including primary producers and zooplankton) and at
different concentrations of ZnO nanorods are needed to confirm the putative low off-target
toxicity of ZnO NRs.

It is worth noting that traditional general stress biomarkers (such as oxidative lesions or
lysosomal membrane destabilization) showed a relatively low power to detect the toxic
effects of ZnO nanostructures or to distinguish between the stress effects caused by
nanostructures and ionic Zn2+*. This indicates that molecular markers of apoptosis and
inflammation (combined with the assessment of tissue Zn burdens) should be preferred
choice for assessment of the stress from exposures to metal-containing nanomaterials. Our
study also showed no metabolic imbalance caused by the exposures to nano-ZnO or Zn?2*
indicating that the concentrations of Zn chosen for our experimental exposures (0.12 and 1.2
uM) do not cause extreme stress leading to bioenergetically non-sustainable state [39, 57].
Therefore, while ZnO-exposed mussels might suffer reduction in fitness, the tested
concentrations of ZnO nanomaterials or ionic Zn?* are likely compatible with the long-term
population survival [39, 57].
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FIGURE CAPTIONS
Figure 1. Images of ZnO nanomaterials used in the present work.

L Scanning electron micrograph (SEM) images of (a) ZnO nanoparticles, (b) ZnO
nanorods on glass substrate, and (c) free suspended ZnO nanorods collected
from glass substrate.

IL. Transmission electron micrographs (TEM) of (a) ZnO nanoparticles, (b) high
resolution imaging of a single ZnO nanoparticle, and (c) selected area diffraction
(SAED) pattern of ZnO nanoparticles.

III. TEM micrographs of (a) ZnO nanorods, (b) high resolution imaging on one rod,
and (c) SAED pattern of a single ZnO nanorod.

Figure 2. Effects of nano-ZnO and Zn?* exposures on levels of oxidative lesions,
metallothioneins and cathepsin D in the whole body, and lysosomal membrane stability in
hemocytes of M. edulis.

A - markers of lipid peroxidation (TBARS), B - protein oxidation markers (carbonyls), C -
metallothioneins, D - index of the lysosomal membrane stability (neutral red retention
time), E, F, - free and total cathepsin D activity, respectively. Different letters indicate values
that are significantly different (p<0.05). If two columns share a letter, they are not
significantly different (p>0.05). N=6.

Figure 3. Effects of nano-Zn0 and Zn?2* exposures on the body levels of energy reserves in M.
edulis.

A - lipids, B - carbohydrates, C - proteins, D - total energy content of the body. Different
letters indicate values that are significantly different (p<0.05). If two columns share a letter,
they are not significantly different (p>0.05). N=6.

Figure 4. Effects of nano-ZnO and Zn?* exposures on the activity of mitochondrial ETS and
non-mitochondrial reductases in the body of M. edulis.

A - ETS activity, B - non-mitochondrial reductase activity. Different letters indicate values
that are significantly different (p<0.05). If two columns share a letter, they are not
significantly different (p>0.05). N=6.

Figure 5. Effects of nano-ZnO and Zn2* exposures on expression of the target genes in
apoptosis and cell survival pathways in the body of M. edulis.



Different letters indicate values that are significantly different (p<0.05). If two columns share
a letter, they are not significantly different (p>0.05). N=6.

Figure 6. Principal component analysis of the biochemical and molecular biomarkers of
stress and energy metabolism in M. edulis.

Biomarker abbreviations: Cas2 - caspase 2; Cas3 - caspase 3; Cas8 - caspase 8; Bcl-2 - B-cell
lymphoma 2; BAX - Bcl-2-associated X protein; TAK1 - TGF-B-activated kinase 1; NF- kB -
nuclear factor kB a; IKK1 - inhibitor of NF-kB kinase-1; IKK2 - inhibitor of NF-kB kinase-2;
ETS - electron transport system activity; Non-mito - activity of non-mitochondrial
reductases; Prot — body protein content; CarbH - body carbohydrates content; Lip - body
lipid content; ER - total energy reserves; CEA - cellular energy allocation; MTs -
metallothioneins; NRR - neutral red retention time; PC - protein carbonyls; TBARS-
thiobarbituric acid-reactive substances; CathDt and CathDf - total and free cathepsin D
activity, respectively.

Experimental treatment groups: C - control, NP-L and NP-H - low and high concentrations
of ZnO NPs (0.12 and 1.2 pM Zn, respectively); NR-L and NR-H - low and high concentrations
of ZnO NRs (0.12 and 1.2 uM Zn, respectively); NRa - attached nanorods: Zn-L and Zn-H - low
and high concentrations of Zn?* (0.12 and 1.2 uM, respectively).

Figure 7. Integrated biomarker radar plot for bioenergetics-related biomarkers in M. edulis.

Biomarker abbreviations: ETS - electron transport system activity; Nn.m - activity of non-
mitochondrial reductases; Prot - body protein content; CarbH - body carbohydrates content;
Lip - body lipid content; ER - total energy reserves; CEA - cellular energy allocation.

Experimental treatment groups: C - control, NPL and NPH - low and high concentrations of
ZnO NPs (0.12 and 1.2 uM Zn, respectively); NRL and NRH - low and high concentrations of
ZnO NRs (0.12 and 1.2 pM Zn, respectively); NRA - attached nanorods: ZnL and ZnH - low
and high concentrations of Zn2+* (0.12 and 1.2 pM, respectively).

Figure 8. Integrated biomarker radar plot for oxidative stress and general stress biomarkers
in M. edulis.

Biomarker abbreviations: MTs - metallothioneins; NRR - neutral red retention time; PC -
protein carbonyls; TBARS- thiobarbituric acid-reactive substances; CtD and CD - total and
free cathepsin D activity, respectively.

Experimental treatment groups: C - control, NPL and NPH - low and high concentrations of
ZnO NPs (0.12 and 1.2 uM Zn, respectively); NRL and NRH - low and high concentrations of



ZnO NRs (0.12 and 1.2 pM Zn, respectively); NRA - attached nanorods: ZnL and ZnH - low
and high concentrations of Zn2+ (0.12 and 1.2 pM, respectively).

Figure 9. Integrated biomarker radar plot for molecular apoptosis- and inflammation-
related biomarkers in M. edulis.

Biomarker abbreviations: Bcl2 - B-cell lymphoma 2; BAX - Bcl-2-associated X protein; TGFk
- TGF-B-activated kinase 1; NFKb - nuclear factor kB a; Cas2 - caspase 2; Cas3 - caspase 3;
Cas8 - caspase 8.

Experimental treatment groups: C - control, NPL and NPH - low and high concentrations of
ZnO NPs (0.12 and 1.2 uM Zn, respectively); NRL and NRH - low and high concentrations of
Zn0O NRs (0.12 and 1.2 uM Zn, respectively); NRA - attached nanorods: ZnL and ZnH - low
and high concentrations of Zn2+ (0.12 and 1.2 pM, respectively).

Figure 10. CART analysis of biomarkers separating different experimental treatment groups
of M. edulis.

Biomarker abbreviations: Cas2 - caspase 2; Cas8 - caspase 8; Lip - body lipid content; [KK2
- inhibitor of NF-kB kinase-2.

Experimental treatment groups: C - control, NPL and NPH - low and high concentrations of
ZnO NPs (0.12 and 1.2 uM Zn, respectively); NRL and NRH - low and high concentrations of
ZnO NRs (0.12 and 1.2 uM Zn, respectively); NRA - attached nanorods: ZnL and ZnH - low
and high concentrations of Zn?* (0.12 and 1.2 uM, respectively).
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Table 1. Primer sequences for the target and housekeeping genes

Gene abbreviations: Bcl-2 - B-cell lymphoma 2; BAX - Bcl-2-associated X protein; TAK1 - TGF-
B-activated kinase 1; NF-kB - nuclear factor kBa (p100/p105); IKK1 - inhibitor of NF-xB
kinase-1; IKK2 - inhibitor of NF-kB kinase-2; EF1 - eukaryotic elongation factor 1a.

Gene Forward primer (3’-5’) Reverse primer (3’-5’) NCBI accession #
Caspase 2 ACAAGTGCAGATGCTGTGTTG | ACACCTCTCACATTGTCGGC | HQ424449.1
Caspase 3 ACGACAGCTAGTTCACCAGG | CCACCAGAAGAGGAGTTCCG | HQ424453.1
Caspase 8 AATGTCGGTACCCCACGATG | CGTGTATGAACCATGCCCCT | HQ424450.1
Bcl-2 CGGTGGTTGGCAAGGATTTG | CGCCATTGCGCCTATTACAC | KC545829.1
BAX TAACTGGGGACGTGTAGGCA | CCAGGGGGCGACATAATCTG | KC545830.1
TAK1 CACCAAACCGAACTGGACCT | GGAACTGCTGTGATCCGACA | KF015298.1
NF-kB TGGATGATGAGGCCAAACCC | TGAAGTCCACCATGTGACGG | KF051275.1
[KK1 GTGGCCACCAGTCAAGTGAT | TAAGGCTGCAGCTTGCTGAT | KF015301.1
IKK2 TGCAGGAGCCGATAAAGCAA | CCGCCGGAACAAAATTCCAT | KF015302.1
EF1 GACAGCAAAAACGACCCACC | TTCTCCAGGGTGGTTCAGGA | AF063420
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Supplementary Figure 1. Intensity-weighted particle size distribution of (a) ZnO
nanoparticles at 0.1 mg/mL, (b) ZnO nanoparticles at 10 pg/mL, (c) ZnO nanorods at 0.1
mg/mlL, and (d) ZnO nanorods at 10 pg/mL dispersed in distilled water (H20) or in the
water of salinity 5, 15 and 30 practical salinity units, respectively.



Supplementary Table 1. Principal component analysis of biomarker responses to nano-
ZnO and ionic Zn exposures in M. edulis.

Biomarker abbreviations: Cas2 - caspase 2; Cas3 - caspase 3; Cas8 - caspase 8; Bcl2 - B-cell
lymphoma 2; Bax - Bcl-2-associated X protein; TGFk - TGF-B-activated kinase 1; NFKb -
nuclear factor kB a; IhnNFK1a - inhibitor of NF-kB kinase-1; IhnnNFK1b - inhibitor of NF-kB
kinase-2; ETS - electron transport system activity; Non-mito - activity of non-
mitochondrial reductases; Prot - body protein content; CarbH - body carbohydrates
content; Lip - body lipid content; ER - total energy reserves; CEA - cellular energy
allocation; MTs - metallothioneins; NRR - neutral red retention time; PC - protein
carbonyls; TBARS- thiobarbituric acid-reactive substances; CathDt and CathDf - total and
free cathepsin D activity, respectively.

Principal Components Analysis Eigenvalues. Number of components is 3

Principal Components Analysis sum of variance 30,0000
Component Eigenvalues % Total variance Cumulative eigenvalue Cumulative %
1 6,116465 20,38822 6,11647 20,38822
2 4,990258 16,63419 11,10672 37,02241
3 3,765394 12,55131 14,87212 49,57372

Loading spreadsheet

Variable Variable number | Category value | Componentl | Component2 | Component 3

TBARS 2 0,367303 0,623648 0,300342
MTs 3 -0,294226 0,270739 0,149295
CathDt 4 0,314976 0,769176 0,008688
CathDf 5 0,561649 0,686669 0,119032
PC 6 -0,211460 0,421792 0,297889
NRR 7 -0,132901 -0,661692 -0,383504
Cas2 8 -0,590751 0,248685 -0,464973
Cas3 9 -0,724589 -0,083711 0,471711
Cas8 10 -0,724589 -0,083711 0,471711
TGFk 11 -0,571779 0,648237 -0,337072
NFKb 12 -0,540596 0,580234 -0,416316
Bcl2 13 -0,501359 0,687224 -0,283519
Bax 14 -0,354903 -0,029356 0,116629
INhNFK1a 15 -0,292018 -0,111404 -0,163474
INnhNFK1b 16 -0,379237 -0,313635 0,658274




CarbH 17 0,092935 0,361900 0,682942
Prot 18 -0,173060 0,028594 0,653968
Lip 19 -0,201826 -0,369855 -0,325166
ER 20 -0,191092 -0,199263 0,105943
Non-Mito 21 -0,848049 0,197582 0,102823
ETS 22 0,729418 0,146755 0,066035
CEA 23 -0,631071 -0,003615 0,008859
Group C 1 109 0,179702 -0,550749 -0,240506
Group NPL 1 110 0,439809 0,438222 0,127950
Group NPH 1 111 -0,727237 0,172830 0,083408
Group NRL 1 112 -0,237696 -0,301450 0,565199
Group NRH 1 113 0,183722 0,476765 -0,165810
Group NRA 1 114 -0,284346 0,121082 -0,585886
Group ZnL 1 115 0,260492 0,088022 0,307784
Group ZnH 1 116 0,185554 -0,444722 -0,092140




