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Abstract: Immobilized enzymes have been widely exploited 

because they work as heterogeneous biocatalysts, allowing their 

recovery and reutilization and easing the downstream 

processing once the chemical reactions are completed. 

Unfortunately, we suffer a lack of analytical methods to 

characterize those heterogeneous biocatalysts at microscopic 

and molecular levels with spatio-temporal resolution, which limits 

their design and optimization. Single-particle studies are vital to 

optimize the performance of immobilized enzymes in 

micro/nanoscopic environments.  In this concept article, we 

review different analytical techniques that address single-particle 

studies to image the spatial distribution of the enzymes across 

the solid surfaces, the sub-particle substrate diffusion, the 

structural integrity and mobility of the immobilized enzymes 

inside the solid particles, and the pH and O2 internal gradients. 

From our view, such sub-particle information elicited from single-

particle analysis is paramount for the design and fabrication of 

optimal heterogeneous biocatalyst. 

1. Introduction 

Organic chemists and chemical industries are lastly embracing 

biocatalysis as a key enabling technology to access more 

complex synthetic schemes in a more sustainable manner.[1, 2] 

However, the use of enzymes as isolated soluble catalysts 

suffers the limitations of the homogeneous catalysis where 

product purification is arduous and the catalysts are hardly 

reused.[3] Furthermore, the enzymes have been majorly evolved 

to work under mild conditions (room temperature, neutral pH, 

atmospheric pressure...) within the crowded environment of the 

cell milieu, thus their stability becomes an issue when the 

chemical process demands harsh and diluted reaction 

conditions.[4] Enzyme immobilization is an old solution for both  
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the solubility and the stability of the enzyme. Paraphrasing 

DiCosimo et al.,[3] the immobilized enzymes are essentially a 

specialized form of heterogeneous catalysts –heterogeneous 

biocatalysts- that can be recovered and reused, often retain 

activity for long periods and are amenable to a wide variety of 

reactor designs, including flow-reactor for continuous processes. 

Nevertheless, the immobilization of enzymes on solid materials 

poses some limitations such as mass transfer issues, internal 

gradients (pH, temperature, substrates, etc.) and negative 

effects that the immobilization itself causes on the enzyme 

properties.[3, 5]  

To overcome those drawbacks, advanced analytical tools 

should support the better comprehension of the effects caused 

by the immobilization on the enzyme performance. In this 

context, like in heterogeneous catalysis,[9-11] spatio-temporal 

characterization of heterogeneous biocatalysts contributes to 

their optimization. Hence, understanding how enzymes work 

inside a solid particle makes the fabrication of heterogeneous 

biocatalysts more rational. Unfortunately, enzyme immobilization 

is a still trial-and-error approach where characterization studies 

are still based on observable parameters at macroscopic level.[5, 

12] These averaged measurements are collected from 

information gathered at the liquid bulk solution without 

considering the spatial heterogeneity of the sample. Thus, these 

macroscopic studies hardly reveal the spatio-temporal 

performance and the intraparticle environments of the 

[a] A. I. Benítez-Mateos, Dr. F. López-Gallego 

Heterogeneous biocatalysis group 

CIC BiomaGUNE 

Paseo Miramon 182, San Sebasitan-Donostia, 20014, Spain 

flopez.ikerbaske@cicbiomagune.es  

[b] Prof. B. Nidetzky, Dr. J. M. Bolivar 

Institute of Biotechnology and Biochemical Engineering,  

Graz University of Technology 

NAWI Graz, Petersgasse 12, A-8010 Graz, Austria  

[c] Prof. B. Nidetzky 

Austrian Centre of Industrial Biotechnology 

Petersgasse 14, A-8010 Graz, Austria 

[d] Dr. F. López-Gallego 

 IKERBASQUE, Basque Foundation for Science 
Bilbao, Spain 

 

 

 

 

 

 

 
((Author Portrait)) 

 

 

 
((Author Portrait)) 

 



REVIEW          

 

 

 

 

 

heterogeneous biocatalysts. Like inside the living cells, the 

enzymatic systems supported on porous materials are 

dynamics, therefore analytical studies with spatio-temporal 

resolution can provide essential information about the properties 

of the heterogeneous biocatalysts at single-particle level. These 

techniques can reveal the structural rearrangements undergone 

by the immobilized enzymes with spatio-temporal resolution, the 

3D-organization of cell-free biological systems, the mass 

transport fluctuations of the reactants and the reaction kinetics 

inside the microstructure of the porous materials under 

operando conditions (Figure 1).  

 

Figure 1. Schematic representation of the information provided by single-

particle analysis of heterogeneous biocatalysts. Conformation and localization 

of enzymes, substrates and products mass transport and pH and O2 gradients 

can be determined within the solid particles with spatial and temporal 

resolutions. 

As in heterogeneous chemical catalysis,[13] single-

particle studies reveal how the spatial heterogeneity of the solid 

materials (material defects,[14] size dispersion,[15] functional 

patterning,[16] etc.) influence the final properties of the 

immobilized enzymes. Therefore, insights in protein 

conformation, mass transfer effects and enzyme kinetics at the 

micro/nanoscale within a single-particle contribute to understand 

the observable productivity and stability of the heterogeneous 

biocatalysts determined by macroscopic analysis (Figure 1).[17, 18] 

In the last two decades, single-molecule[19] and single-cell[20] 

studies have paved the way to better understand the dynamics 

of biological processes and aided synthetic biology to succeed in 

different biotechnological applications. These studies have not 

only released fundamental biological and biochemical 

knowledge but also provided analytical tools that shine light on 

protein localization, protein conformations and metabolite 

transport within the cellular microenvironment. These studies 

show the immense technical possibilities existing for microscopic 

characterization of porous particles, which are by far simpler and 

better controllable than living cells. Although the intraparticle 

characterization of heterogeneous biocatalysts has received 

much less attention, single-particle studies are gaining popularity 

between the biocatalysis community to characterize the internal 

properties of ready-to-use heterogeneous biocatalysts just 

before their operational evaluation.[17] Particularly, these studies 

are rather important in flow-biocatalysis; a topic that is 

intensively investigated nowadays.[20] Unfortunately, methods to 

imaging the performance of the immobilized enzymes in flow-

reactors[21] (monoliths, microfluidic channels, packed-beds) are 

scarce, since looking inside the reactors while they are operating 

is rather more challenging than studying the isolated particles 

under the microscope.  

In this concept article, we outline some of the most 

relevant advances for the characterization of heterogeneous 

biocatalysts at single-particle level. We will review different 

analytical techniques that elicit the spatial organization, the 

kinetics and the stability of immobilized enzymes within solid 

particles, as well as the mass transport of reagents and the pH 

and oxygen gradients inside the porous microstructure during 

the bioprocesses. This revision ultimately aims to stress the 

importance of single-particle analysis as driving force to optimize 

enzyme immobilization proceedings. From our view, the 

information elicited from the interior of the particles is paramount 

for the design and fabrication of optimal heterogeneous 

biocatalyst. 

2.  Single-particle spatial distribution of 

immobilized enzymes across solid carriers 

The three-dimensional distribution of immobilized enzymes on 

solid carriers plays a critical role in the study of the biocatalyst 

activity and its reaction kinetics (Figure 1). However, the 

enzymes have been traditionally assumed to be homogeneously 

distributed across the surface of solid carriers. In fact, most of 

immobilization procedures lack the control of both the orientation 

and the spatial distribution of the enzymes, resulting in the 

misinterpreting effects underlying the conventional 

characterization of heterogeneous biocatalysts. In this context, 

the preparation of immobilized enzymes demands new 

methodologies to elicit the spatial organization of enzymes 
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across the microstructure of the solid carriers.[20, 23]  Over the 

past few decades, atomic force microscopy (AFM),[24, 25] low-

temperature field-emission scanning electron microscopy (Cryo-

FESEM),[26] spherical aberration (Cs)-corrected STEM,[27] 

infrared and fluorescence spectroscopy among others, have 

emerged for inquiring into the spatial distribution of immobilized 

proteins across the solid surfaces. Micro-Infrared and micro-

RAMAN spectroscopies image the spatial distribution of label-

free enzymes across solid carriers (particles 20-200), unveiling 

microscopic information of ready-to-use heterogeneous 

biocatalyst.[28, 29] However, fluorescence studies using confocal 

laser scanning microscopy (CLSM) are most widely preferred 

due to its high resolution and versatility.[30, 31] In this field, many 

techniques are available to study the distribution of fluorophore-

labeled proteins, from a single molecule to a multi-enzymatic 

system.  

All proteins, and consequently all enzymes, show 

intrinsic fluorescence in the UV region of the spectrum, due to 

the presence of three fluorescent amino acids (tyrosine, 

tryptophan and phenylalanine) in their primary sequence.[32] This 

strategy is mainly exploited to study protein conformational 

changes of the both soluble and immobilized enzymes.[33] 

Mapping the proteins by recording their intrinsic fluorescence 

would be ideal because this technique would be universal and 

not require any labeling, however, as far as we know, none 

example has been reported yet.  

 

The main strategy to analyze the spatial distribution of 

enzymes across solid surfaces is based on fluorophore-labeled 

proteins. The fluorophores can be either genetically encoded 

(e.g. fluorescent proteins)[34] or organic labels (e.g. 

fluoresceine).[35] Bolivar et al. exploited fluorescent proteins to 

modulate the protein distribution across porous agarose beads 

(50-150 µm).[36] This work demonstrates that the immobilization 

rate controls the protein distribution, observing uniform and not 

uniform protein distributions when the immobilization was slow 

and rapid, respectively. The immobilization rate can be easily 

modulated by controlling the immobilization chemistry (nature 

and density of the reactive groups) and the immobilization 

conditions (presence of competitors, pH, temperature). On the 

other hand, the single-particle studies of green fluorescent 

protein tagged with a lectin domain allowed monitoring the 

spatial distribution of the immobilized proteins over the time.[37] 

This study revealed that protein is primarily immobilized on the 

outer surface of porous agarose beads, but then gradually 

colonizes the whole microstructure of the agarose particle (50-

150 µm)  along 30 minutes. These results evidence that the 

interactions between the agarose surface and the lectin domain 

are dynamic and suggest an intraparticle 

association/dissociation equilibrium between the lectin and the 

sugars forming the agarose fibers. Such equilibrium seems to 

enable the reorganization of the spatial distribution inside the 

particles upon the immobilization.  

However, when using non fluorescent proteins, chemical 

labeling with chemical fluorophores is an excellent solution to 

study the spatial distribution of immobilized enzymes.[38] The 

chemical labeling of several enzymes with different fluorophores 

have been successfully exploited to determine the spatial 

organization of multi-enzyme systems immobilized on solid 

carrier with different architectures.[39-41] The understanding of the 

spatial organization of multi-enzyme systems immobilized on 

solid carriers is required to optimize the multi-functional 

heterogeneous biocatalysts in order to perform cascade 

reactions more efficiently. Rocha-Martín et al.[40] tuned the sub-

particle spatial distribution of two alcohol dehydrogenases by 

modulating their immobilization rates according to a previous 

work[36] (Figure 2). 

 
Figure 2. Effect of enzyme distribution inside agarose particles (50-150 µm) 

on the cofactor-recycling frequency. Alcohol dehydrogenase (Tt27-ADH2) and 

Glutamate dehydrogenase (Tt27-GDH) labeled with fluorescamine (green) and 

rhodamine B (red) respectively, performed a bio-redox cascade. The main 

dehydrogenase Tt27-ADH2 catalyzed the asymmetric bio-reduction of 2,2,2-

trifluoro-oacetophenone into (S)-a-(trifluoromethyl) benzyl alcohol with NADH 

consumption. Orthogonally, NADH-recycling reaction was performed by Tt27-

GDH by using L-glutamate as sacrifying substrate. A) The two enzymes were 

separately immobilized on different agarose-Ni2+/Glioxil particles (AG-

Ni2+/G):Tt27-GDH was immobilized in one batch by using IMAC chemistry, 
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whereas Tt27-ADH2 was immobilized in a different batch by using glyoxyl 

chemistry. The two batches were mixed to perform the reaction (circles). B) 

The two labeled enzymes were sequentially co-immobilized onto the same 

AG-Ni2+/G particle through different bonding chemistries: Tt27-GDH presented 

a not uniform distribution while Tt27-ADH2 showed a uniform one (squares). 

C) The two enzymes were homogeneously co-immobilized onto the same AG-

Ni2+/G particle (triangles). In this case,Tt27-GDH was first immobilized in the 

presence of 0.2 M imidazol, which hindered the immobilization and enabled a 

more homogeneous distribution of the enzyme. Second, Tt27-ADH2 was 

sequentially immobilized through aldehyde chemistry. Reproduced from [40] 

with permission of Wiley  

 

As result, they observed that uniform co-localization of two 

enzymes enhances the in situ NADH recycling efficiency during 

the operation of a bio-redox cascade. The sub-micrometric 

proximity of the two dehydrogenases presumably exerts some 

cooperation effects that explain the low apparent KM values 

towards NADH, even lower than the ones presented by the 

soluble system, pointing out a concentration effect in the NADH 

pool within the porous surface.[40] These results reveal the high 

relevance of single-particle analysis of protein distribution on the 

performance of heterogeneous biocatalysts. Therefore, the 

control of enzyme spatial organization is clue for improving the 

biotechnological processes catalyzed by heterogeneous 

systems.  

3.  Single-particle reaction kinetics of 

immobilized enzymes 

Monitoring and imaging the enzyme activity during the 

operational process (in operando studies) at the 

nano/microscale can directly provide information that would be 

inaccessible otherwise. In a recent paper, Harada et al. 

exploited high-speed atomic force microscopy to measure in 

operando the conformational changes of the cellobiose 

dehydrogenase immobilized on flat gold surfaces functionalized 

with heme groups.[42] This work sheds light on the mechanism of 

this multi-domain protein at nanometric scale. The highly 

specialized infrastructure required for these studies makes that 

spatial resolution studies monitoring the catalytic activity of the 

immobilized enzymes are dominated by fluorescence 

spectroscopy; a worldwide and highly accessible technique. In 

the last decades, many advances[43-48] in development of 

fluorescence-based reporter systems have boosted the spatio-

temporal resolution and sensitivity of analytical methods to study 

a broad range of dynamic processes during the catalytic 

reactions. In this context, many fluorogenic substrates are 

commercially available as useful reporter systems.[48] These 

fluorogenic substrates can be enzymatically transformed into 

fluorescent products that can be read out to assess the system 

kinetics (Figure 3).[45, 49-53] Particularly, CLSM is a very powerful 

technique for enzymology when enzymes are immobilized and 

allows recording the local production of products.[54] 

 

 

Figure 3. Schematic representation of single-particle measurements of 

enzyme reaction kinetics monitored by CLSM and using fluorogenic 

substrates. 

One of the first studies to evaluate the kinetics of 

immobilized enzymes using fluorogenic substrates was the real 

time DNA sequencing.[55] The well-known real-time DNA 

sequencing was performed using a DNA polymerase 

immobilized on a zero-mode waveguide (ZMW) pore (100 nm) of 

a glass surface and fluorescently labeled nucleotides. The 

growth of the DNA chain is monitored by fluorescent bursts after 

incorporation of the fluorescent nucleotides. More recently, 

Velonia et al. demonstrated that single-particle enzyme kinetics 

can be monitored at real-time using CLSM as well. They used a 

industrially relevant enzyme (lipase from Candida antarctica B; 

CALB)[56] immobilized on a glass surface derivatized with 

hydrophobic groups. A fluorogenic substrate was hydrolyzed by 

the immobilized CALB yielding a fluorescent product. These 

studies revealed that the enzymes absorbed on a hydrophobic 

surface presented a kinetic variability attributed to the existence 

of different active enzyme conformations across the solid 
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surface as result of the random immobilization mechanism. This 

sort of studies may provide spatial resolution to the kinetic 

behavior of the immobilized enzymes by imaging those locations 

where enzyme performance is altered.   

Fluorogenic substrate-based strategies have served as 

a springboard to investigate more complex biological systems 

where multi-enzyme cascades are involved. Many factors as 

enzymatic cooperation, reactants transport, spatial distribution, 

etc., must be considered when studying multi-enzyme systems 

due to their intrinsic molecular complexity. The reaction kinetics 

of the immobilized multi-enzyme system formed by glucose 

oxidase (GOX) and horseradish peroxidase (HRP) are the most 

studied at single-particle level by far.[41, 45, 57-59] These two 

enzymes have been co-immobilized on a large variety of 

surfaces through a diversity of immobilization chemistries. 

Normally, a fluorogenic substrate (i.e Amplex red) is oxidized by 

HRP yielding a fluorescent product (i.e Resorufin) only in 

presence of the hydrogen peroxide that is in situ produced as 

by-product from the oxidation of glucose catalyzed by GOX. Li et 

al. co-immobilized these two enzymes on copper-phosphate 

particles (10 µm) with different spatial distributions.[41] The 

cascade worked more efficiently when the HRP was spatially 

confined inside the particles and the GOX was attached to the 

outer surface (Figure 4A-C). A similar enzyme cascade was co-

immobilized porous polymer monoliths by a photopatterning 

method, demonstrating again the importance of the spatial 

organization of the enzymes for continuous operation under flow 

conditions. [21]  

  

 

Figure 4 . On line monitoring of single-particle kinetics by fluorogenic 

substrates. (A-C) Confocal microscopy images of the co-immobilized HRP 

(labeled with Rhodamine B, red) and GOx (labeled with FITC, green) in 

nanocrystal complexes. (A) GOx was firstly immobilized by precipitation with 

metal complexes. Then, HRP was absorbed to the precipitate surrounding the 

nanocrystal complex. (B) HRP was precipitated and GOx was superficially 

absorbed to the nanocrystal complex. (C) Both enzymes were precipitated 

with metals obtaining a random distribution. (D) The cascade reaction 

catalyzed by GOx and HRP using fluorogenic substrates. (E) Confocal images 

showing the transport of a fluorescent glucose analogue (6-NBDG) from 

outside to inside in the biocatalytic system GOx@HRP. (F) Confocal images 

showing the transport of Resorufin from inside to outside of GOx@HRP. 

Adapted from [41] with permission of Royal Society of Chemistry. 

 

 

By using two fluorogenic substrates, they observed that the 

fluorogenic glucose is firstly concentrated and oxidized in the 

outer surface where the GOX is located, while the fluorescent 

resorufin initially appears inside the particles where HRP was 

located and then gradually diffused out to the bulk (Figure 4D-F).  

  

Figure 5. Single-particle studies of an encapsulated multi-enzymatic cascade 

by fluorescence microscopy. (A) Initially the different enzymes were 

encapsulated in polystyrene-b-poly(3-(isocyano-lalanyl-amino-ethyl)-

thiophene) (PS-b-PIAT) polymersomes (1); Then, the organelles-like 

polymersomes (100-300 nm) were mixed with other cytosolic enzymes and 

reagents (2); followed by their encapsulation in polybutadiene-bpoly(ethylene 

oxide) (PB-b-PEO) vesicles (3);  to finally create a functional cell mimic (60 

µm) containing the immobilized multi-enzymatic cascade. (B) Multi-enzymatic 

reaction cascade inside organelles-like nanoreactors. Profluorescent substrate 

(1) is catalyzed by phenylacetone monooxygenase (PAMO) with one unit of 

NADPH being consumed, to yield ester (2), which is subsequently hydrolyzed 

A B C

D

E

F

A

B

C D



REVIEW          

 

 

 

 

 

by the enzyme lipase from Candida antarctica B (CalB) or the enzyme 

alcalase to provide a primary alcohol (3). Alcohol dehydrogenase (ADH) 

oxidizes the alcohol, by using the cofactor NAD+, to give aldehyde (4) which 

then undergoes spontaneous beta-elimination to be converted into resorufin 

(5) as the final fluorescent product. (C) Enhanced spinning disk confocal 

fluorescence imaging at single particle level of a cell mimic after production of 

resorfurin. The fluorescent product is easily observable like spots in the 

compartmentalized organelles. (D) The 3D representation of the polyersome 

where the organelles producing resorfurin are highlighted. Adapted from [60] 

with permission of Royal Society of Chemistry 

In a more sophisticated architecture, several enzymes 

are compartmentalized into different polymersomes (100-300 

nm) as sub-compartments within larger particles (60 µm) or oil-

water droplets (80-1000 µm).[57, 60] This approach was applied for 

different multi-enzyme systems that catalyze sequential cascade 

reactions whose final product is fluorescent. The single-particle 

studies elicited the spatial distribution of the multi-enzyme 

system by imaging, after 3D computational reconstruction, the 

fluorescence spots where the final product is primarily 

accumulated before diffusing across the microstructure of the 

larger particle (Figure 5). Those spots correspond to the 

polymersomes where the enzyme that catalyzes the last 

reaction of the sequential cascade is sub-compartmentalized.[57, 

60] The accumulation of the fluorescence into the polymersome is 

explained by the electrostatic entrapment of the product that 

prevents its rapid diffusion to other compartments within the 

micrometric polymersome and to the reaction bulk. Additionally, 

the accumulation of the final product in the compartments where 

the last enzyme is located also demonstrates an external 

transport of the substrate and inter-compartment diffusion of the 

intermediates. These single-particle studies point out that the 

ordered transport of the substrates is the consequence of the 

spatial distribution of the multi-enzyme system co-immobilized 

on the solid materials. 

Cofactor-dependent enzymes (e.g. NADH-dependent 

reductases and oxidases, FAD-dependent oxygenases) catalyze 

many interesting reactions in industrial biocatalysis.[58-60] Many of 

these cofactors present auto-fluorescence that can be monitored 

during the enzymatic activity. Unlike the soluble enzymes where 

single-enzyme dynamics in presence of cofactors have been 

reported more extensively,[61] monitoring the cofactor utilization 

by immobilized enzymes with spatial resolution is 

underexploited. FAD is an excellent cofactor for these studies 

because the cofactor-enzyme electron transfer causes 

fluorescence fluctuations that can be attributed to different 

cofactor conformations and states, nevertheless mapping of 

those fluctuations remains unknown.[65] These single-molecule 

studies have served to advance in the understanding of the 

kinetics of cofactor-dependent enzymes observed in bulk 

studies.[65, 66] In addition, the effect of the reaction conditions and 

mass transport restrictions on the enzyme activity can be 

studied with spatial resolution by mapping the cofactor utilization 

within the solid phase.[67-69] In this regard, nicotinamide cofactors 

whose fluorescence intensity is higher for the reduced form 

(NAD(P)H) than for the oxidized one (NAD(P)+) have been very 

useful to evaluate the activity of different immobilized alcohol 

dehydrogenases (ADH) under different operational conditions. 

Using soluble NAD+, O´Brien[70] et al. created artificially local pH 

gradients with microelectrodes and monitored the local activity of 

an immobilized alcohol dehydrogenase. Imaging the cofactor 

fluorescence, the authors demonstrated that only those 

enzymes surrounded by alkaline pH environment were able to 

efficiently reduce NAD+ to NADH using ethanol as substrate. 

This effect was observed with enzymes immobilized on both 

glass surfaces and porous beads. 
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Figure 6. In operando analysis of the NAD+/H utilization at single-particle 

level.  Alcohol dehydrogenase from Thermus thermophilus (Tt-ADH2) and 

Formate dehydrogenase from Candida boidinii were irreversibly co-

immobilized with the cofactor NAD+ ionically absorbed on agarose beads (50-

150 µm). The cofactor establishes an association/dissociation equilibrium that 

allows its internal diffusion inside the pores but avoids its external diffusion to 

the bulk. (A) Single-particle monitoring during the redox biotransformation of 

the substrate formic acid (red △) and incorporating the NAD+ recycling with 

2,2,2-trifluoroacetophenone (1) (green ○).The reaction was monitored and the 

average fluorescence was quantified by measuring the autofluorescence of 

NADH at 460 nm for 15 minutes in 10 microbeads. (B) Analysis of the 

fluorescence intensity of single beads from fluorescence microscopy images 

with (below) and without NAD+ recycling (above), before (left) and after (right) 

the bioredox reactions were accomplished. Adpated from [69] with permission 

of Wiley. 

On the other hand, cofactor and enzymes can be co-

immobilized to fabricate self-sufficient heterogeneous 

biocatalysts that do not require exogenous supply of cofactor. 

Even though the concept of self-sufficient heterogeneous 

biocatalyst has been exploited for a dozen of cascade 

reactions,[40, 71-74] the cofactor utilization inside the solid particles 

has been rarely studied. Velasco-Lozano et al.[69] have mapped 

the cofactor utilization within porous agarose particles that co-

immobilize the main enzyme (alcohol dehydrogenase), the 

cofactor recycling enzyme (formate dehydrogenase) and the 

cofactor (NAD+). In operando studies by means of fluorescence 

microscopy demonstrate that the co-factor is catalytically 

available for the co-immobilized enzymes and in situ recycled 

inside the porous surface without diffusing out to the reaction 

bulk (Figure 6). 

Finally, single-particle fluorescence studies have also 

provided valuable information about the kinetics of cell-free 

protein synthesis (CFPS) systems; a highly complex biological 

machinery. In these systems, both transcriptional and 

translational machineries have been encapsulated together with 

DNA molecules in effort to build a minimal cell.[75] In order to 

monitor the protein synthesis reaction within the solid particles, 

fluorescent proteins (green fluorescent protein (GFP),[76, 77]  

Venus[78] etc.) has been in vitro synthesized and simultaneously 

measured by fluorescence microscopy.  Kato et al.,[15] monitored 

the fluorescence of nascent GFP over the time inside oil 

droplets, these experiments allowed to quantify the cooperative 

action of this complex multi-enzyme system in real-time (Figure 

7). These studies revealed a significant effect of particle size on 

the reaction kinetics; the protein was synthesized 5 times faster 

in smaller particles (20 µm) than in larger ones (71 µm). In this 

complex scenario, the translation rate of isolated immobilized 

ribosomes synthesizing GFP was locally recorded, and the 

observations demonstrate that local and bulk protein synthesis 

kinetics were similar.[79] 

These single-particle studies of immobilized systems open new 

pathways to study the dynamics and the kinetics of 

biomanufacturing cascades spatially confined. Also, these 

techniques show a successful in operando monitoring of enzyme 

kinetics in consecutives reactions by using immobilized 

enzymes. Hence, the information provided shines light on the 

factors that locally affect the activity of immobilized enzymes. 

From these studies, we can evaluate the functional uniformity of 

one heterogeneous biocatalyst and understand the causes for 

the inefficient operation of certain enzymes under given reaction 

conditions.  
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Figure 7. Real-time monitoring cell-free protein synthesis in single particles. A) 

Distribution of GFP fluorescence synthesized in droplets with different sizes 

(smaller: 1, 2 and 3. Bigger: 4 and 5) at 3 h after encapsulation. B) Time-

courses of the GFP concentration per unit volume, CGFP in small (R=20µm; 

circles) and large (R=71µm; squares) droplets coated by a lipid layer. 

Triangles represent the negative control. Adapted from [15] with permission of 

Nature Publishing Group (NPG) 

4. Single-particle stability of immobilized 

enzymes and proteins by using spectroscopic 

methods  

Beside easing the downstream processing, the immobilization of 

enzymes also may stabilize them against certain reaction 

conditions underlying the industrial processes.[6, 80, 81] Normally, 

the immobilization provokes a structural rigidification in the 

enzymes which may prevent them from the structural distortions 

triggered by inactivating agents such as high temperature, 

organic solvents,[82] etc. Thereupon, a better understanding of 

molecular processes that lead the protein rigidification may 

forecast the resulting stability and activity of enzymes upon the 

immobilization. This comprehension would be helpful for the 

fabrication and optimization of heterogeneous biocatalysts. 

Conventionally, stability of immobilized enzymes is 

determined through bulk studies where the samples are 

incubated in presence of the corresponding inactivating agent, 

and the averaged enzymatic activity of each sample is 

measured at different inactivation times.[83] Additionally, 

microcalorimetry analysis, Trp-fluorescence studies and circular 

dichroism (CD)[33, 84-86] can provide information about the 

structural stability of the immobilized enzymes. Nonetheless, 

these approaches lack the spatial resolution needed to grasp 

how the enzymes are stabilized at single-particle level. 

Fluorescence spectroscopy has lastly emerged as a powerful 

tool for single-particle studies of immobilized enzymes, aided by 

the outstanding advances in optical microscopy.[69, 87-89] Orrego 

et al., combined fluorescence lifetime imaging and spatial-

resolved fluorescence polarization to determine the fluorescence 

anisotropy of immobilized proteins as innovative strategy to 

analyze the stability [90] of immobilized proteins at single-particle 

level (Figure 8).  

 
 

Figure 8. Single-particle analysis of the thermal stability of different EGFP 

variants (LSL-EGFP, His_EGFP and EGFP) immobilized on agarose beads 

(50-150 µm). AG10 is plain agarose, while AG10-Ni2+ and AG10-G are 

agarose beads activated with nickel chelates and aldehyde groups, 

respectively. LSL-EGFP is a lectin tagged enhanced fluorescent protein that is 

immobilized on AG10 through the lectin domain as spacer arm. His-EGFP is 

the same fluorescent protein tagged with a poly-histidine tag that allows its 

univalent and reversible immobilization on AG10-Ni2+ and EGFP is the 

untagged protein that is multivalently and irreversibly immobilized on AG10-G. 

A) Fluorescence intensity (grey scale) and B) fluorescence anisotropy 

(rainbow-like scale) of horizontal sections (80 × 80 μm) at the equator plane of 

the representative beads where EGFP variants are immobilized through 

different chemistries. The heterogeneous biocatalysts with higher anisotropy 

values were more thermally stable than those ones with lower anisotropy 

values. Adapted from [90] with permission of American Chemical Society 

 

In this study, several EGFP variants were immobilized on porous 

agarose microbeads through different immobilization 

chemistries. The fluorescence data allowed determining the 

anisotropy of GFP inside the beads with spatial resolution. 
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Based on that information, the authors found a correlation 

between the protein flexibility and the thermal stability of the 

immobilized proteins. As conclusion, the fluorescence anisotropy 

reveals that proteins immobilized through chemistries that 

reduce the protein flexibility (high anisotropy values) are more 

thermostable than proteins that remain more flexible upon the 

immobilization.  

On the other hand, atomic force microscopy (AFM) and 

spectroscopy (AFS) are broadly used to probe protein-surface 

interactions.[91-93] AFM is the only microscopic technique capable 

of creating topographical maps where visualizing biomolecules 

at the single-molecule level with sub-nanometer resolution in 

liquid.[93] Aissaoui et al.[94] have exploited AFM to image the 

aggregation of the enzymes immobilized on planar silanized 

surfaces (1x1 µm2) through different immobilization chemistries. 

They found a correlation between the size of the aggregates and 

the catalytic properties of the immobilized glucose 6-phosphate 

dehydrogenase. The smaller aggregates exhibit higher specific 

activity likely owing to less transport restrictions of the 

substrates, whereas the larger aggregates increase the thermal 

stability of the immobilized proteins, suggesting that such 

aggregation packs the 3D protein structure (Figure 9).  

Beyond imaging, AFM can also perform spectroscopic 

studies to reveal the stiffness of those materials conjugated with 

biomolecules. This technique has been highly informative about 

the mechanical properties of the cell walls when displaying 

different proteins.[95] In the field of the immobilized enzymes, 

Gregurec et al.[96] applied single-bead atomic force spectroscopy 

to predict the thermal stability of several immobilized proteins. 

Here, the authors used a colloidal probe (1 µm) to indent 9 µm2 

surface of the single microbeads (120 µm) upon the 

immobilization of different oxidoreductases. The immobilization 

could be on line monitored in the microscope chamber because 

the conjugation of the proteins to the solid surface increased the 

stiffness of the whole bead. The immobilization chemistry affects 

differently to the mechanical properties of the beads upon the 

immobilization of the same protein. The results showed that 

irreversible and multivalent immobilization chemistries increase 

the stiffness of the microbeads and promote significant thermal 

stabilization of the immobilized enzymes. Remarkably, force 

spectroscopy studies arrived to the same conclusion that the 

studies based on fluorescence anisotropy of immobilized 

enzymes.[90]  

 

Figure 9. AFM analysis of enzymes immobilized on a silanized silicon oxide 

surface. AFM height images (peak force tapping mode, in phosphate buffer; z-

scale 20 nm) of silanized silicon oxide A) after enzyme adsorption without 

previous linker treatment and B) after treatment with 1,4-

phenylenendiisocyanate and subsequent enzyme adsorption. C) Specific 

activity of enzymes immobilized on silanized silicon surfaces as a function of 

the aggregate average heights determined by AFM, (Sil, ◇) and using 

different cross-linkers: (1,4-phenylene diisocyanate, ○), (1,4-phenylene 

diisothiocyanate, □), (1,3-phenylene diisothiocyanate, △), (Glutaraldehyde, ▽), 

and (Terephtalaldehyde, ▷). D) Thermal stability of immobilized enzymes on 

the same samples as a function of the aggregate average heights. Samples 

were incubated in a phosphate buffer for 1 hour at (a) 30 °C (closed symbols) 

and (b) 40 °C (open symbols). The percentage is relative to the original activity 

assayed without heating. Error bars correspond to the standard deviations of 

three independent experiments. The black curves are optical guidelines. 

Adapted from [94] with permission of American Chemical Society 

Infrared (IR) techniques, including Fourier transform 

infrared (FTIR), attenuated total reflectance coupled with FTIR 

(ATR-FTIR) and sum-frequency generation spectroscopies have 

been widely exploited to evaluate the structural integrity of the 

enzymes upon the immobilization.[97-99] Monitoring the signal 

corresponding to the Amide I band of proteins, IR studies have 

revealed structural distortions of the immobilized enzymes due 

to the hydrophobicity of the surface, the crowding of the 

immobilized enzymes and their orientation; all these factors 

directly affect the thermal stability of the immobilized 

enzymes.[99] To gain spatial resolution, the immobilized enzymes 

have been analyzed with micro-FTIR spectroscopy; a powerful 

technique for in operando studies in heterogeneous chemical 

catalysis[10, 100] although its applications for heterogeneous 

biocatalysts are still on its infancy. The group of Prof. Lepore 

has exploited micro-FTIR to analyze the local conformation of 

glucose oxidase entrapped into a sol-gel matrix.[101-103] Beside 
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the spatial distribution of the enzyme across the solid material, 

micro-FTIR unveils some local patches of structurally distorted 

glucose oxidase upon the immobilization, although the enzyme 

activity was macroscopically preserved. Additionally, micro-

ATR/FTIR analysis of the same immobilized enzyme shows a 

temporal evolution of the infrared spectra within the solid 

particles that can be correlated to the enzyme inactivation over 

the time. Therefore, mapping properties such the aggregation 

and crowding states, the orientation, the flexibility and the 

stiffness of the immobilized proteins unmask relevant 

information that remains hidden in bulk experiments. Such 

information is vital to understand why immobilization often 

stabilizes enzymes and to further optimize the fabrication of 

heterogeneous biocatalysts. We envision the application of 

single-particle studies over the time under different reaction 

conditions to better understand the inactivation kinetics of the 

immobilized enzymes during the operational process. 

5. Spatio-temporal resolution of O2 and pH 

within immobilized enzymes  

Enzymes immobilized on porous carriers suffer from diffusional 

effects, exhibiting substrate and product concentration gradients 

between the bulk liquid and the carrier surface;[18] pH and O2 

concentration are two variables particularly affected.[17, 104] Both 

variables are important in biocatalysis since many enzymatic 

reactions create proton and O2 gradients during the operational 

processes. The O2 limitation lies in its low solubility in aqueous 

medium that originates a small driving force for O2 supply into 

the solid biocatalyst; consequently, the low transfer rate 

compared to the enzymatic reaction rate leads to the dramatic 

depletion of the intraparticle O2 concentration.[17, 104] In this 

scenario, O2-dependent heterogeneous biocatalysts offer a very 

low apparent activity. On the other hand, the pH gradients are 

created due to either partition effects within the solid material[105, 

106] or higher proton release/consumption enzymatic rates 

compared to the proton transfer rate. As consequence, the 

existence of internal pH gradients influences on the activity, 

stability and selectivity of the heterogeneous biocatalyst. In both 

cases, dissecting whether apparent catalytic properties are due 

to immobilization effects or to certain intraparticle environment[17, 

18] is necessary for the biocatalyst optimization.  

Real-time determination of concentration gradients 

between the internal environment of the immobilized enzymes 

and the bulk solution is the best way to assess the significance 

of the diffusional limitations and to offer a better biocatalyst 

characterization.[17, 18] There are many available solutions to 

measure O2 and pH in homogeneous liquid phase with excellent 

spatio-temporal resolution.[107-110] However, the measurements 

near-surface or within solids particles are scarce since they 

present a high technological complexity and require specialized 

set-ups. The basic principle involves a luminescence indicator 

embedded within an analyte-permeable polymeric layer. This is 

further system-integrated by controlled deposition as in sensor 

spots and optical fiber tips, enabling different and often 

contactless optical readouts. However, the methodology in the 

current form cannot be used to analyze the pH within solid 

porous.[110, 111] The application for characterization of internal 

gradient measurements has two specific requirements. First, the 

luminescence dye and the enzyme should be properly co-

immobilized within the same porous particle. Second, a read-out 

set-up should be established to provide measurements with 

suitable spatio-temporal resolution. A detailed description can be 

found in recent reviews.[17, 18]  

5.1. Resolution of intraparticle O2-concentration 

The quantification of spaced-averaged intraparticle O2-

concentrations has been applied to different enzyme porous 

carriers containing immobilized oxidases.[104, 112, 113] 

Polymethacrylate porous carriers were made O2 sensitive by 

labeling with an O2 sensitive luminophore and the analytical 

principle was the lifetime measurements based on application of 

the phase modulation technique.[104, 112] The authors observed 

the formation of a large O2 concentration gradient between the 

bulk and the intraparticle environment, which clearly indicates 

the O2-supply limitations within the solid carrier.[104] The 

determination of oxygen gradients between homogeneous liquid 

phase and internal catalytic environment was performed 

simultaneously to the bulk determination of catalytic activity of 

immobilized oxidases)[104, 112, 113] (Figure 10). These studies 

showed that the internally available O2 concentration controls 

the catalytic effectiveness of heterogeneous biocatalyst.[104, 112, 

113] Thus, a clear distinction between the effect of immobilization 

and substrate limitations was made possible.[18, 112] Hence, the 

application of internal sensing enabled the optimization of 

geometrical properties (particle and pore sizes) of porous silica 
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carriers to obtain biocatalytic process intensification through 

enhanced mass transport[113] (Figure 10 B-C).  

 

 

 

Figure 10. Effects of intraparticle oxygen on the activity of silica-based 

biocatalysts of a D-amino acid oxidase (DAAO) (A) Confocal fluorescence 

images of the enzyme DAAO immobilized on different porous silica supports 

with different particle sizes (from left to right, CPG (50-100 µm), MSU-VLP (5-

140 µm) and MSU-F (3-7 µm). (B) Dependence of the O2 concentration inside 

the porous support (at apparent steady state) on the velocity of oxidation of D-

methionine by the DAAO biocatalyst. (C) Dependence of the effectiveness 

factor of the biocatalyst on the intraparticle O2 concentration. All reactions 

were performed at 30°C using air-saturated potassium phosphate buffer (50 

mM; pH 8.0). Adapted from [113] with permission of American Chemical 

Society. 

Furthermore, internal measurements have proved the 

possibility of enhancement of intraparticle environment to reach 

conditions not achievable in liquid phase.[114] Intraparticle 

monitoring has allowed observing the release of internal oxygen 

from H2O2 using immobilized catalase, and conditions of  

intraparticle oxygen hypersaturation, not achievable by 

entraining gas into the porous material, have been detected. 

 

 

 

 

5.2. Resolution of intraparticle pH 

Space-averaged intraparticle pH has been measured for the 

characterization of heterogeneous biocatalysts involving 

systematic biotransformations optimization, reaction modelling, 

reaction control and determination of kinetic and mass transfer 

parameters.[17, 18, 115-120] The hydrolysis of -lactam substrates 

(which results in net proton formation) was studied by using 

FITC-labeled immobilized amidase in order to quantify the extent 

of the overall carrier acidification during the operation.[121] The 

internal pH was determined from pH-sensitive fluorescence 

intensity of FITC, showing a pH difference of 3 units between the 

bulk and the interior of the particles. This principle was applied 

to a fixed-bed reactor to monitor the internal pH across the 

reactor length. Combination of internal data and external data for 

reaction modelling was then possible and facilitates process 

understanding and targeted reactor selection.[121] Moreover, the 

determination of intrinsic kinetic parameters and mass transfer 

coefficients within porous materials is strongly supported when 

intraparticle concentrations are used instead of uniquely external 

data.[120] Recently, lifetime measurements (dual-lifetime 

referencing method, DLR) have improved the pH resolution[116, 

122] and served to study the influence of the carrier properties on 

the pH drop and monitor the reaction time course. Moreover, 

DLR has been extended to apply new control strategies based 

on pH measurement within catalytic environment.[115] Finally, the 

internal pH has been used as key parameter to increase the 

lifetime of the immobilized enzyme under operational 

conditions.[123] 

 5.3. Internal sensing at single particle level 

Opto-chemical sensing in combination with microscopy has the 

potential to determine internal pH and O2 concentration in real-

time and with spatial resolution (Figure 11A), however only a 

handful of examples have been reported. Spieß and colleagues 

performed a pioneer study to characterize different catalysts of 

immobilized of penicillin G amidase by using referenced 

fluorescence intensity measurements of internal pH in a 

CLSM.[124] Their study was seminal in demonstrating the 

importance of internal pH to optimize the enzyme immobilization. 

They showed that internal pH alters the selectivity of the 

immobilized amidase, implying the need to select carriers and 

immobilization chemistries that provide an optimum internal 

environment. Huang and colleagues applied similar analytical 

techniques to determine pH gradients in biocatalytic membranes 

containing immobilized glucose oxidase. A pH drop resulted in 

this case from the oxidation of D-glucose into D-gluconic 

acid.[125] The application of fluorescence lifetime[126] or 

CPG MSU-VLP MSU-FA
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multiphoton laser scanning microscopy[127, 128] solve some of the 

known limitations of measurements in CLSM.[17, 18] 

Consequently, these techniques have been applied to the spatial 

resolution of internal pH inside hydrogels particles (1.5 mm) 

where the events of substrate diffusion and enzymatic reactions 

were resolved by elucidating the local concentration gradients 

through the catalytic particle.[128] Unfortunately, lifetime or 

referenced measurements in CLSM depends on high-cost 

instrumentation that cannot be adapted to real-life reactor 

configurations and has limited throughput capacity, this has 

probably limited their application for heterogeneous biocatalyst 

at single-particle level.  

 

 
Figure 11. (A) Opto-chemical sensing of O2 with spatial resolution. Whereas a 

microelectrode should be placed at variable positions inside the carrier, 

microscopic techniques allow non-invasive measurement. Image processing is 

needed to obtain spatially resolved concentration data. (B-E) Luminescence 

lifetime images of beads with immobilized enzyme and Ru(dpp)3, imaged 

under flow without (B,D) and with (C,E) substrate, resulting in different oxygen 

concentrations. (D, E) Pixel lifetime distributions of the beads shown in (B) and 

(C) with the mean value marked by a red line. Adapted from [17]  and [129] with 

permision of Cell Press and American Chemical Society. 

The spatio-temporal mapping of O2 has been restricted due 

to the difficulty of applying lifetime imaging in the range of 

microsecond. Recently a new method based on variable 

excitation time determined by the scanning velocity was 

implemented in a CLSM (Figure 11). The method allows 

phosphorescence lifetime imaging and thus spatio-temporal 

resolution within porous enzyme carriers.[129] It was applied for 

the study of the oxygen depletion within particles containing 

immobilized lactate oxidase under packed-bed reactor 

configuration. 

 

Summary and outlook  

Immobilized enzymes have been widely exploited because they 

work as heterogeneous biocatalysts, allowing their recovery and 

reutilization and easing the downstream processing once the 

chemical reactions are completed. Although immobilized 

enzymes have been utilized since decades, they are still 

considered as a “black box” where the effects of the surface on 

the enzyme properties are poorly understood at microscopic 

level. The lack of that information has limited the rational design 

and optimization of more efficient heterogeneous biocatalyst. In 

this concept article, we have reviewed how single-particle 

studies provide fundamental information about the functionality, 

the structural integrity and the microenvironments of the 

enzymes immobilized on solid materials. In the last three 

decades, the single-particle studies of immobilized enzymes 

have advanced in the characterization of heterogeneous 

biocatalysts eliciting information that is masked in macroscopic 

studies based on bulk experiments. The latest advances in 

spectroscopic techniques with spatial resolution have boosted 

the characterization of immobilized enzymes at single-particle 

level, which allows better understanding the operational 

performance of the enzymes bound to solid materials.  In this 

article, we have given examples of how single-particle studies 

image the spatial distribution of the enzymes, the substrate 

diffusion and the reaction kinetics across the solid surfaces, the 

structural integrity and mobility of the immobilized enzymes 

inside the solid particles, and the pH and O2 internal gradients.  

All these data provide vital information to unveil the optimal 

localization of immobilized enzymatic systems to more efficiently 

catalyze chemical reactions, the optimal attachment between the 

solid surface and the enzyme to yield more thermostable 

heterogeneous biocatalysts, and the optimal carrier architecture 

to reduce the mass transport limitations for reactants and 

oxygen. All this information contributes to develop more rational, 

reliable and reproducible proceedings when fabricating 

heterogeneous biocatalysts. 

Nevertheless, there is still a long way to elicit structural 

and functional properties of immobilized enzymes on porous 

materials at the nanometric scale, an even longer at atomic-

scale. Additionally, in operando studies at single-particle level 

must gain in temporal resolution to study the reactants utilization 

and the protein conformational changes during the enzyme 

catalysis at very short-times (ns-ms). Likewise, we need to 

expand these techniques to monitor enzyme properties in more 
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complex chemical process, including chemo-enzymatic ones, 

and more sophisticated operational design like flow-(micro) 

reactors. Therefore, the fabrication of extremely ordered 

materials and the emergence of high-resolution techniques for 

the solid-state will open new windows of understanding for this 

specialized form of biocatalysis.  
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